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Could termites be hiding a goldmine ol

of obscure yet promising yeasts for energy crisis
solutions based on aromatic wastes? A critical
state-of-the-art review

Sameh S. Ali'"*"®, Rania Al-Tohamy'", Tarek M. Mohamed?, Yehia A.-G. Mahmoud?, Héctor A. Ruiz*,
Lushan Sun®" and Jianzhong Sun"

Abstract

Biodiesel is a renewable fuel that can be produced from a range of organic and renewable feedstock including fresh
or vegetable oils, animal fats, and oilseed plants. In recent years, the lignin-based aromatic wastes, such as various aro-
matic waste polymers from agriculture, or organic dye wastewater from textile industry, have attracted much atten-
tion in academia, which can be uniquely selected as a potential renewable feedstock for biodiesel product converted
by yeast cell factory technology. This current investigation indicated that the highest percentage of lipid accumula-
tion can be achieved as high as 47.25% by an oleaginous yeast strain, Meyerozyma caribbica SSA1654, isolated from

a wood-feeding termite gut system, where its synthetic oil conversion ability can reach up to 0.08 (g/I/h) and the
fatty acid composition in yeast cells represents over 95% of total fatty acids that are similar to that of vegetable oils.
Clearly, the use of oleaginous yeasts, isolated from wood-feeding termites, for synthesizing lipids from aromatics is a
clean, efficient, and competitive path to achieve "a sustainable development" towards biodiesel production. How-
ever, the lacking of potent oleaginous yeasts to transform lipids from various aromatics, and an unknown metabolic
regulation mechanism presented in the natural oleaginous yeast cells are the fundamental challenge we have to face
for a potential cell factory development. Under this scope, this review has proposed a novel concept and approach
strategy in utilization of oleaginous yeasts as the cell factory to convert aromatic wastes to lipids as the substrate

for biodiesel transformation. Therefore, screening robust oleaginous yeast strain(s) from wood-feeding termite gut
system with a set of the desirable specific tolerance characteristics is essential. In addition, to reconstruct a desirable
metabolic pathway/network to maximize the lipid transformation and accumulation rate from the aromatic wastes
with the applications of various “omics” technologies or a synthetic biology approach, where the work agenda will
also include to analyze the genome characteristics, to develop a new base mutation gene editing technology, as well
as to clarify the influence of the insertion position of aromatic compounds and other biosynthetic pathways in the
industrial chassis genome on the expressional level and genome stability. With these unique designs running with a
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applicable in the near future.

degradation

set of the advanced biotech approaches, a novel metabolic pathway using robust oleaginous yeast developed as a
cell factory concept can be potentially constructed, integrated and optimized, suggesting that the hypothesis we pro-
posed in utilizing aromatic wastes as a feedstock towards biodiesel product is technically promising and potentially

Keywords: Biodiesel, Circular economy, Oleaginous yeast, Insect gut symbionts, Azo dyes, Bioremediation, Lignin

Background

A microbiome is defined as a microbial community that is
unique to a particular habitat and is composed of yeasts,
bacteria, archaea, fungi, and viruses [1]. Microbiome
innovations could boost answers to recent global chal-
lenges (waste management, bioremediation, and biofuel
production). For instance, screening and utilizing robust
natural microbiomes to degrade or remediate aromatic
pollutants may enable a more sustainable fuel industry
and promote the development of a circular bioeconomy
[2—6]. The use of microbiomes in environmental systems
could help to reduce waste, create a zero-pollution/toxic-
free environment, address the plastic challenge, and cre-
ate a sustainable blue economy [7, 8]. Microbiomes, for
example, can be used in environmental remediation by
combining traditional techniques with microbial regen-
eration and incorporating microbiomes into a circular
bioeconomy that valorizes waste [9, 10]. Microbiomes
are also critical in the development of microbial biobased
polymers that are environmentally friendly.

Aromatic compounds are important fuels and key
chemical precursors for industrial organic synthesis;
however, the current aromatics market is heavily reliant
on fossil fuels, which will eventually contribute to global
warming-related carbon emissions. On the other hand,
lignin has been recognized as a drop-in substitute for
conventional aromatics, with the benefits of lignin gradu-
ally becoming apparent over the last five years as a result
of massive research efforts. However, the valorization of
lignin, the major natural source of aromatics on earth,
is being a challenge for the scientific community. Lignin
is composed of aromatic compounds rather than sugar
molecules (phenylpropanoids). It is a highly complex
chemical compound composed of three distinct mon-
olignol units (p-hydroxylphenyl [H], guaiacyl [G], and
syringyl [S]) that are cross-linked. It is primarily found
in secondary cell walls and makes up 10-25% of the total
dry weight. Lignin is sticky and helps hemicelluloses
adhere to microfibrils. Additionally, it provides structure
and strength to the cell, protects it from pathogen inva-
sion, and waterproofs the cell wall [11, 12].

Lignin-based aromatics, as a lignin-rich aromatic
polymer, are the second most abundant source of car-
bon on the planet and provide a renewable reservoir of

energy-dense substrate for green chemistry. Globally, it
is estimated that 150 billion tons of lignin are produced
annually [13]. The annual global production of aromatic
wastes is estimated to be around fifty million tons, and
this figure is expected to rise significantly in the coming
years [11]. Simultaneously, lignin and its associated envi-
ronmental pollutants with similar chemical structures,
such as textile dye wastewater, constitute a significant
aromatic pollutants on earth [14, 15]. Processing lignin is
difficult due to its variability in composition and bonding
structure. Furthermore, it is difficult to utilize processed
lignin due to the inherent compositional heterogeneity of
lignin degradation products. Currently, the majority of
lignin is disposed of as waste or burned as a solid fuel in
biorefinement processes. However, biological upgrading
or valorization of lignin-based aromatics has advantages
over conventional chemical processing or combustion
in that it enables the conversion of a variety of lignin-
derived substrates to high value-added products [16].

Interestingly, aromatic compound metabolism can
be linked to biodiesel production [17, 18]. As a result,
an emphasis has been placed on the underlying mecha-
nisms, as well as the evaluation of the intermediates and
final products produced. Biodiesel is a non-toxic, biode-
gradable, and renewable fuel made from vegetable oils,
animal fats, and oilseed plants [19]. When burned, bio-
diesel emits significantly less pollution than petroleum-
based diesel, whether used in its pure form or blended
with petroleum diesel. It has no net effect on the amount
of carbon dioxide (CO,) in the atmosphere and reduces
the intensity of the greenhouse effect. Furthermore, bio-
diesel has a lower sulfur content, a higher flash point, a
higher aromatic content, and is biodegradable than die-
sel fuel [20, 21]. However, increased biodiesel production
may result in an increase in the price of edible vegetable
oil. This leads to a debate about fuel vs. food.

Termites have a high capacity for biomass degradation
and may thus contribute to global carbon recycling. This
remarkable ability is largely attributed to the metabolic
performance of their "gut digestome", which includes
intestinal symbiotic microorganisms like bacterial,
archaeal, yeast, or other eukaryotic symbionts, as well
as the abundance of species, enzymes, and genes found
in the termite’s digestive tract [22, 23]. However, their
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highly specialized gut systems remain poorly understood
in terms of their unique symbiont functions and their
potential applications in biotechnology and other rele-
vant fields, particularly for the yeast symbionts. In recent
years, there has been a growing body of evidence demon-
strating the importance of symbiotic yeasts, their wide-
spread distribution in termite digestive systems, and their
distinct roles in termite-symbiont interactions. Over the
last two decades, additional yeast species from insect
guts have been identified, as have their potential func-
tions and relevant mechanisms of interaction with host
insects and other gut symbionts. Host nutrition, essential
enzymes for biomass processing, intermediate chemical
compounds, suppressing external pathogens, and even
colony outbreeding are examples of these functions and
mechanisms [24]. Furthermore, intestinal yeasts can
effectively remediate textile wastewater and decolorize
both individual and mixtures of azo dyes, owing to their
enzymatic activity and tolerance to high salt concentra-
tion [25]. Yeasts degrade azo dyes, which are aromatic
textile wastewater pollutants by cleaving the complex
compound, deconstructing the chromophores, and
metabolizing the toxic aromatic intermediates produced.
Finally, acetyl-CoA is synthesized as a precursor for the
synthesis of lipids in the form of triacylglycerides (TAG).
The degradation of azo dyes by yeast-inhabiting wood-
feeding termite gut symbionts resulted in the formation
of aromatic amines (AAs), which are then mineralized
to CO, and H,O [26-28]. Instead of amines, the termite
gut yeasts degraded the azo dye Acid Orange 7, produc-
ing acetyl-CoA and TAG, which can be transesterified to
produce biodiesel [9, 10].

The lacking of potent oleaginous yeasts to transform
lipids from various aromatics, and an unknown meta-
bolic regulation mechanism presented in the natural ole-
aginous yeast cells are the fundamental challenge we have
to face for a potential cell factory development. One of
the primary goals of the biobased economy is to develop
economically viable and sustainable biotechnological
processes as alternatives to oil-based chemistry. The suc-
cess of this strategy will require efficient, robust, and ver-
satile cell factories, but the limitations of conventional
strain development methods will make it difficult to
adapt currently used strains to such platforms. Therefore,
synthetic biology is expected to enable more efficient and
controllable cell factories. The yeast Saccharomyces cer-
evisiae is one of the most widely used microorganisms in
biotechnology, having been successfully used to produce
both bulk and fine chemicals. Yet yeast researchers face a
difficult task in advancing the organism’s transition from
a traditional workhorse to a modern cell factory capable
of meeting the requirements for next generation bio-
processes. Therefore, this review has proposed a novel
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concept and approach strategy in utilization of yeasts
inhabiting termite gut symbionts as the cell factory to
convert aromatic wastes to lipids as the substrate for bio-
diesel transformation.

Energy crisis and the transition from petrodiesel

to biodiesel

Energy is widely considered as the foundation of social
development and modern human civilization, particu-
larly in developing countries. Energy consumption is
increasing at an alarming rate as a result of the rapid
development of the global economy over the last few dec-
ades, resulting in a global supply and demand crisis for
oil resources. The world’s proven oil reserves have a life
expectancy of only 53.3 years, according to oil produc-
tion and consumption data, while China’s reserve-to-out-
put ratio stands at only 11.9 years [29]. China produced
3,787,000 barrels of oil per day in 2018, down 3.9% from
2008 levels (3,802,000 barrels per day). Egypt’s oil pro-
duction increased to 700,000 barrels per day in 2018, up
1.3% from 691,000 barrels per day in 2008. China’s oil
consumption (13,374,000 barrels per day) exceeded pro-
duction (3,787,000 barrels per day) by 253.2% in 2018.
Egypt’s oil consumption, on the other hand, has increased
by approximately 8.1% relative to its oil production since
2008, averaging 756.618 barrels per day in 2018, and
it is expected to grow further, even after subsidies are
phased out (Fig. 1) [30-33]. The world’s massive energy
consumption, rapidly rising oil prices, and growing con-
cern about dwindling fossil fuel reserves have redirected
global attention toward the search for alternative energy
sources. As a result, developing renewable technologies
to replace current technologies is a critical challenge for
the twenty-first century.

Petrodiesel has been shown to emit a significant
amount of hazardous pollutants, including carbon mon-
oxide (CO), hydrocarbons (HC), particulate matter (PM),
sulphur dioxide (SO,), nitrogen oxides (NOx), and green-
house gases (GHG). All of these pollutants have been
shown to be harmful to the environment and human
health. Concerning the environment, petrodiesel com-
bustion can also result in the emission of CO,. In 2020,
the global CO, concentration reached a record high of
413 parts per million, with CO, emissions from transpor-
tation, including the combustion of fossil fuels, account-
ing for the second largest source of global CO, emissions
[34]. The global diesel price, on the other hand, varied
from country to country. In Fig. 2, the global diesel price
(2000—-2006) in comparison to prices in China and Egypt
is given [35-38]. In China, the diesel price was slightly
higher and fluctuated less than the global price, peaking
at 1.28 USD/L in 2012. Diesel prices, on the other hand,
were significantly lower in Egypt, where the highest price
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was recorded in 2014 (0.25 USD/L), most likely due to
governmental support, putting a strain on the Egyptian
economy.

Biodiesel, on the other hand, is being introduced to the
public due to its benefits, which include low pollutant
and greenhouse gas emissions, as well as its renewability.
Table 1 summarizes the advantages and disadvantages
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of petroleum diesel and biodiesel [39, 40]. When com-
pared to petrodiesel, pollutants such as CO, HC, PM, and
SO, can be reduced by up to 40% on average (SO, can
be reduced by up to 100%) [41]. Furthermore, when com-
pared to petroleum diesel, biodiesel has the potential to
reduce CO, emissions by 78.45% [34]. Because it could be
made from vegetable oil, animal fats, or any other sub-
stance containing long chain fatty acids, biodiesel was
considered a renewable resource [42]. Figure 3 depicts
the regional distribution of raw materials used in the
production of biodiesel [43-50]. In Egypt, biodiesel can
be made from a variety of feedstocks, including cotton,
Jatropha, rapeseed, microalgae, and waste cooking oils
(WOCs). Upper and lower Egypt could practice jatropha,
cotton, and rapeseed agriculture. Microalgae and WCOs,
on the other hand, are considered uncommon in Egypt
(Fig. 3A) [43-46]. When agricultural characteristics and
regional diversity are considered, it is difficult to focus
on a single type of biodiesel feedstock in China. Western
China, as shown in Fig. 3B [47-50], is a cotton-producing
region, whereas the Yangtze River Basin is a rapeseed-
producing region. Simultaneously, Jatropha is abundant
in Southwest China, implying that using the appropriate
feedstock in a reasonable manner can result in economic
benefits for biodiesel production.

Global biodiesel production is increasing rapidly to
meet demand, having increased from 15,000 barrels
per day in 2000 to 289,000 barrels per day in 2008 [51].
In 2020, the world’s biodiesel production is expected to
reach 37.9 billion liters [52]. However, it is expected to
reach 41.4 Bln L by 2025 (Fig. 4A). Additionally, by 2025,
the European Union and the United States of America
are expected to be the largest producers and consum-
ers of biodiesel (Fig. 4B). China and Egypt, on the other
hand, require additional efforts to improve their biodiesel
production. Since 2008 to 2018, China’s biodiesel produc-
tion has fluctuated. In 2008, production was 9200 b/d; by
2018, it had increased to 14,370 b/d, a 56.2% increase.
However, between 2000 and 2019, Egypt’s biodiesel pro-
duction remained stable at approximately 0 b/d (Fig. 5)
[53, 54].

Biofuels, including biodiesel, have traditionally been
classified into three generations based on their feedstock
and manufacturing technologies. Biodiesel produced in
the "first generation" can be made from edible feedstocks
such as palm oil, rapeseed, soybean, and corn. However,
using edible oil crops to produce biodiesel has raised sev-
eral controversial issues, including GHG emissions, land
use change (LUC), food competition/price inflation, high
feedstock/biodiesel costs, and water consumption [55].
The development of "second-generation” biodiesel has
been accelerated due to the rising cost of edible plant oils,
as well as public debate over the "food vs. fuel". Biodiesel
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Table 1 The benefits and drawbacks of petrodiesel and biodiesel
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Fuels Advantages Disadvantages
Petrodiesel Low feedstock cost High emissions of GHG and pollutants
Low viscosity High toxicity
Low biodegradation rate
Non-renewable fuel
Low flash point
Biodiesel Low emissions of GHG and pollutants Expensive feedstocks (first- and second-generation biodiesels)

Low toxicity

High biodegradation rate
Renewable fuel

High flash point

Can be used in diesel engine

Requires land for feedstock cultivation (first- and second-generation biodiesels
Some feedstocks have low crop yields (first- and second-generation biodiesels)

The main producing area of:

Jatropha

Cotton >
® Microalgae

Rape
® wWCos

Fig. 3 The regional distribution of raw materials that could be used
in the production of biodiesel in Egypt (A) and China (B). Source of

data from Refs. [43-50]

of the second generation can be made from non-edible
feedstocks such as jatropha, neem, rubber seed, karanja,
and waste oils such as cooking grease and animal fats.
These oils, however, may not be abundant enough to
meet global demand, and animal fats perform poorly in
cold weather. Additionally, the use of non-edible plant
oils in the production of biodiesel has raised several con-
troversial issues, including the GHG footprint, LUC, and
fertilizers/pesticides [56].

Oleaginous yeasts as an alternative to algae

for biodiesel production

Third generation biodiesel can be produced using feed-
stock that does not compete with crops for land. It is
being developed by bacteria, algae, yeasts and other
fungi that accumulate oil. Single cell oils (SCO) are
microbial systems that produce and store oil [55]. SCO
have received a great deal of attention in recent years,
largely as a result of the increasing price of petroleum.
Cost estimation for SCO has proven challenging, with
biodiesel cost projections ranging from $1 to $80 per
gallon [57]. In China, the cost of producing SCO from
lignocellulosic biomass is 7500 RMB (US$ 1230) per
ton, which includes the cost of biomass procurement
and processing [58]. Oleaginous microbes are capable
of converting CO,, sugars, and organic acids to SCO.
While some species synthesize neutral lipids intracel-
lularly on a continuous basis, the majority of cell types
require stressors such as nutrient deprivation to stimu-
late lipid synthesis [59]. Once the cells have produced
the lipid, they are harvested and lysed with a solvent,
mechanically, enzymatically, or by another method,
which releases the lipid. After separating the lipid from
the cell fraction, the neutral lipid is chemically refined
to form an ester or other desired molecule by separat-
ing the glycerol from the individual fatty acids [60].
While the methodology has been established, the cur-
rent barrier to commercializing SCO is developing a
cost-effective system comparable to petrodiesel. This
can be accomplished by developing strains capable of
converting low-cost substrates, rapidly growing to high
density, and producing increased amounts of neutral
lipid, as well as by developing improved harvesting and
dewatering technologies [61, 62].
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Photoautotrophic, heterotrophic, and mixotrophic
cultivation methods are used to cultivate algae. Out-
door racetrack ponds, enclosed photobioreactors, and
enclosed dark fermentors are all viable cultivation tech-
niques. However, there are a number of restrictions
that must be considered when selecting an algal bio-
diesel production method, as listed below:

+ Microalgae cultivation requires a large raceway pond
capable of producing a significant amount of algal
biomass for biodiesel production [63].

+ Only a few microalgae contain a high concentration
of fatty acids or lipids. As a result, the quantity pro-
duced will be reduced, raising the cost of biodiesel
production [64].

« The process of converting lipids to biodiesel entails a
number of steps and a number of different chemicals
[65].

« Itisalso necessary to purify biodiesel before it can be
used in vehicles to ensure that it is pure [66].

+ Biodiesel’s energy value is also required for qual-
ity control and production. This will necessitate the
completion of a time and expense analysis [67].

« In each batch of microalgae cultivation, the amount
and quality of lipids produced vary depending on
climatic conditions and the generation of algae used
[68].

+ Vehicle engines must currently be replaced with
engines that are compatible with biodiesel. Such a
replacement, on the other hand, is a time-consuming
process.

+ Algae processing for biodiesel is a time-consuming
process that must be avoided due to microbial con-
tamination [69].

+ As the cost of manpower and materials for pond and
photobioreactor construction rises, it is possible that
production costs will increase. Depending on the
environmental conditions, this will raise the cost of
production each year.

+ In some countries, research on genetically modified
microalgae is prohibited in order to preserve indig-
enous wild species that produce less lipid [70].

+ With regard to cultivation, numerous obstacles must
be overcome and untangled in order to develop an
effective mass cultivation technology for microalgae.
This requires a comprehensive understanding of pho-
tosynthetic, structural, and functional characteristics
of microalgae, as well as the target strain’s dominance
over alien strain/bacteria contamination and, of
course, biomass productivity per unit area.

+ Macroalgae cultivation varies by season and country,
depending on the sea environment. Based on their
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native species, only a few macroalgae species are cul-
tivable worldwide [71].

In order to better understand third-generation bio-
diesel, oil-accumulating yeasts are being used in the
research. Oleaginous yeasts are capable of convert-
ing CO,, sugars, and organic acids into oil. The abil-
ity to convert carbohydrates to lipids, as a result, makes
them advantageous for the production of biofuels [42,
72]. Certain yeast species can accumulate a wide variety
of lipids between 20 and 80% (w/w) of their dry weight
[73]. Despite the fact that the process is similar in most
species, the mechanism by which these microorganisms
accumulate lipids is not well understood. Oleaginous
yeasts are considered potential oil exploration organisms
due to their rapid growth rate, ability to grow on a variety
of different substrates, and high cell density [2, 74, 75].
Scaling-up this process is easier with yeasts than with

Palm
Yarrowia lipolytica (o r/ et
* 15g,/m?/day
- 45% oil
Rapeseed Sunflower
Cycle 120 days/year
1.0 L/m? + Cycle 120 days/year - Cycle 120 days/year

+ 2500 Kg/ha
+ 0.83 g,;/m?/day
* 40% oil

+ 1500 Kg/ha
+ 0.56 g,;;/m?/day
* 45% oil

0.37 g/L/day
39% oil

Palm

* Cycle 120 days/year

Chlorella vulgaris - 4000 Kg/ha

* 15g,/m?/day
* 45% oil
Rapeseed Sunflower
* Cycle 120 days/year
* 1.0L/m? %, + Cycle 120 days/year - Cycle 120 days/year
« 048 g/L/day * 2500 Kg/ha * 1500 Kg/ha
< 20.5% oil + 0.83g,/m?*/day -+ 0.56g,,/m?/day

* 40% oil

* 45% oil

Fig. 6 Oleaginous yeast lipid content and productivity compared to
oleaginous microalgae and conventional feedstocks. Source of data
from Refs. [78, 79]
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microalgae, as internal contamination is less common
and is easier to control at low pH [76, 77]. The compari-
son of the lipid productivity of different emergent matri-
ces to a conventional feedstock is shown in Fig. 6 [78, 79].
The lipid content and productivity of oleaginous yeasts
such as Yarrowia lipolytica (Fig. 6A) were compared to
the lipid content and productivity of oleaginous microal-
gae such as Chlorella vulgaris (Fig. 6B). The production
of biodiesel from microbial oil is fraught with technical
difficulties, owing primarily to the high cost of fermen-
tation. As a result, less expensive feedstock such as agri-
cultural residues and other aromatic wastes must be used
as a substitute for expensive feedstock. There are several
advantages to consider when selecting an oleaginous
yeast for biodiesel production, which are summarized
below.

« It is possible to genetically improve the majority of
yeast species, making them suitable for large-scale
fermentation and genetic improvement [80].

+ Oleaginous yeast species produce lipids that are
chemically and energetically similar to animal/plant
oils [81].

« It is possible to use oleaginous yeasts in place of a
variety of vegetable oil-based applications without
endangering food resources [82].

+ In the case of oleaginous yeasts, when grown on
low-cost wastes, they can be ideal bioeconomic feed-
stocks, contributing significantly to waste pollution
management [81].

+ Some oleaginous yeast species have gained great
attention in recent years, and some, such as Yarrowia
lipolytica, Lipomyces starkeyi, and Rhodotorula toru-
loides, are now being used on an industrial scale for
biodiesel production [83]. These species have ben-
efited from features such as ample genetic resources
and molecular responses to a variety of growth con-
ditions. Such characteristics have aided in the devel-
opment of tailor-made gene-editing technologies.

In both bacterial and eukaryotic metabolism, the bio-
synthesis of long-chain fatty acids from acetate, followed
by esterification to produce TAG, is an important step in
the energy production process. The majority of organ-
isms produce significant amounts of TAG, but only in
the quantities required for cell membrane synthesis.
However, the majority of oleaginous yeast species, such
as Yarrowia lipolytica and Cryptococcus curvatus, are
capable of producing excess TAG and storing them intra-
cellularly in lipid vesicles [22]. These lipids can be used
as a feedstock for the production of industrial biodiesel
via conventional transesterification techniques. Crypto-
coccus curvatus is particularly interesting based on the
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ability of this oleaginous yeast species in utilizing efflu-
ent from an anaerobic digestion process that accumulates
volatile fatty acids (VFAs) as a growth substrate for yeast,
allowing the yeast to produce biodiesel [84].

Oleaginous yeasts have the ability to produce a large
amount of lipid with the desired composition for bio-
diesel production, as well as the ability to efficiently
metabolize low-cost feedstock [85]. Additional advance-
ments, primarily in the areas of cost reduction and
increased productivity, are expected to continue until
industrialization is completed. Furthermore, many yeast
species are underexplored, so new sources of promising
isolates should be thoroughly investigated. Yeasts derived
from termite gut symbionts are one such extraordinary
example.

Yeast-termite association and significance

Termites rely on mutualistic intestinal microbes for
nitrogen and metabolism [86]. Termites (Isoptera) are
traditionally classified as "lower" or "higher" termites
based on the symbionts they coexist with [87]. Both
lower and higher termites are capable of harboring
prokaryotes in their guts, whereas flagellate protists are
absent from the guts of higher termites, which rely heav-
ily on gut bacteria for plant degradation [88]. It is reason-
able to assume that the gut microbiota of wood-feeding
higher termites would be the most lignocellulolytic in
nature, as demonstrated in the Nasutitermitidae species’
gut microbiota [89]. Structural changes in the side-chains
of lignin have also been observed in a number of termite
species. Furthermore, a large number of isolates obtained
from a variety of wood-feeding termite gut symbionts
were shown to be capable of mineralizing lignin-derived
monoaromatic and dimeric model compounds in a short
period of time [22].

There is a scarcity of information on yeasts (single-cell
fungi) in termite guts. Nonetheless, preliminary research
has revealed that yeast isolates are found in large num-
bers in both lower and higher termites in various sys-
tematic positions. Yeasts are most likely members of the
hindgut native symbiotic microbiota, since they have
been isolated on a regular basis [90]. Among the micro-
organisms available, yeasts are in high demand for a
variety of biotechnological applications [91]. They are
common in detritus or wood-feeding insects’ guts, and
they probably have a crucial role in the digestion pro-
cess through their lignocellulose-degrading activities
despite the fact that none of these yeasts produce all of
the hemicellulose-degrading enzymes [4, 92]. Therefore,
due to the synergistic activities with other gut symbionts,
glycolytic enzymes can degrade these substances. For
example, Sporothrix albicans and Debaryomyces hanse-
nii, Rhodosporidium spp., Trichosporon spp. could also
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be found in the hindgut of the termites from the families
of Mastotermitidae, Rhinotermitidae, and Kalotermiti-
dae [93]. Therefore, the termite intestines can be seen as
a sophisticated ecosystem with complex microbial com-
munities. During the passage through the digestive tract
of food, both lower and higher termites degrade cellulose
and hemicellulose, but with different digestive strategies
(Fig. 7).

The termite symbiotic system offers numerous oppor-
tunities for the discovery of new genes and enzymes.

Recent advances in -omics, such as metaproteomics,
metagenomics, and metatranscriptomics, have been
used to elucidate the nature of this system [94]. Char-
acterization and genetic engineering of these enzymes
are essential for improving their suitability for industrial
use. The synergistic collaboration of enzymes in lignocel-
lulose digestion should also be considered to maximize
the efficiency of biomass utilization. While the associa-
tion of some termites with fungi is well established, there
are only a few reports of yeast—termite associations.
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Nowadays, eukaryotic expression systems, particularly
yeasts inhabiting wood-feeding termite guts, are gaining
increased attention for the enzymes they produce that
have significant industrial applications, including biofuels
and bioremediation [10, 28].

Figure 8 depicts the exceptional benefits of yeast sym-
bionts provide to their termite hosts. Yeast symbionts
can provide nitrogen and vitamins to their termite hosts,
as well as degrade cellobiose and produce a variety of
enzymes such as lipase, phosphatase, glucosidase, and
trypsin that aid the host in digestion and detoxification
of a variety of compounds [24, 90]. Due to the inability
of termites to degrade lignin, ligninases-producing yeasts
in wood-feeding termite guts are essential candidates for
assisting such hosts in entering the plant, providing an
explanation for entry in the absence of suitable enzymes
[22, 95]. Yeasts in wood-feeding termite gut symbionts
may also aid in the digestion of difficult substances such
as wood components (e.g., cellulose, hemicellulose and
xylans) [96, 97]. Despite the fact that termites are capable
of producing their own cellulase, no endogenous hemi-
cellulases have been discovered [98]. Thus, yeasts found
in termite guts can provide the enzymes required for
hemicellulose digestion. Yeasts, in particular, have been
shown to contribute to the degradation of these wood
components [99]. The ability of several yeast species iso-
lated from termite guts to digest lignin-based aromatics,
xylan, and hemicellulose was determined [28, 100].

Despite extensive research, little is known about the
extent to which yeasts benefit from termite associa-
tions (Fig. 8). Termites can vector yeasts and potentially
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protect them from unfavorable environments by living
inside their guts. Furthermore, the termite gut may pro-
vide a favorable environment for yeast growth and sur-
vival, providing the organism with a consistent source
of nutrition [101]. Termite guts may provide a unique
environment for yeasts that cannot survive in other envi-
ronments. New yeast species were discovered among ter-
mite gut symbionts [90, 96, 97]. Termites may also affect
yeast biodiversity, altering the density and composition
of yeast populations. The association between termites
and yeasts does not appear to be coincidental. There are
three hypotheses for endosymbiotic yeast—termite asso-
ciations. Yeast symbionts were thought to be descended
from termite commensals or pathogenic parasites, as well
as phytopathogenic or saprophytic fungi. The association
may also arose as a result of termite feeding habits [22].
Given what we know about these associations, it is not
surprising that adaptation mechanisms are still a mystery.

Biodiesel production advances based on toxic
aromatic compounds

Contemporary science is increasingly focusing on not
only the utilization of industrial and human wastes, but
also on the valorization of aromatic pollutants such as
lignin derived from lignocellulosic biomass and textile
azo dyes for lipid production by oleaginous microorgan-
isms as a substitute for fossil fuels. Lignin, a naturally
occurring polyphenolic compound found in lignocel-
lulosic biomass, and lignin-derived compounds are also
significant sources of aromatic compounds that are
frequently recalcitrant to biological degradation. Azo
dyes, on the other hand, are a class of compounds dis-
tinguished by the presence of azo bonds (-N=N-) in
association with aromatic groups, which renders them
resistant to the majority of biological and chemical treat-
ments. Figure 9 illustrates the similarity in the aromatic
chemical structure of lignin and azo dye.

Lignin as aromatic polymer derived

from lignocellulosic biomass

Anthropogenic aromatic pollutants have serious envi-
ronmental and human health consequences. These pol-
lutants can enter soil and water habitats from a variety
of sources, including textile wastewater, oil spills, indus-
trial waste, and pipeline leaks. There are two categories
of aromatic compounds based on the arrangement of
benzene ring: monoaromatics, which contain a single
aromatic ring, and polycyclic aromatics, which contain
two or more aromatic rings [102]. On the other hand,
heterocyclic aromatic compounds are monoaromatic or
polycyclic aromatic compounds that contain atoms other
than carbon, such as nitrogen or sulphur [103]. Poly-
cyclic aromatic hydrocarbons (PAHs) are a large class
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of compounds with multiple fused benzene rings that
are produced by a variety of natural and anthropogenic
activities [104]. While volcanic eruptions and forest fires
are natural sources of PAHs, the primary anthropogenic
sources are biomass burning, coal combustion, petro-
leum volatilization, and vehicle exhaust.

Lignocellulosic biomass is a renewable energy source
that is primarily composed of cellulose, hemicelluloses,
and lignin. Lignin is an aromatic polymer that contributes
rigidity, water transportation, and resistance to micro-
bial invasion. Lignin is the most abundant renewable
biopolymer of aromatic compounds on earth, account-
ing for up to 32% of the dry weight of softwoods [105].
Aromatic compounds are also found in trace amounts as
side groups in plant biomass, such as xylan, tannins, and
pectin [106]. Although lignin units are simple phenylpro-
pane molecules, the polymer produced is extremely com-
plex in three dimensions, and only extracellular enzymes
can access the polymer surface. The lignin bonds also
limit enzymatic activity, leading to lignocellulosic waste
accumulation and environmental burden [107]. Lignin
is a highly branched aromatic polymer that is com-
posed of three main monomers, namely guaiacyl (G),
syringyl (S), and p-hydroxyphenyl (H), which are linked

through a variety of linkages that differ among plant spe-
cies (Fig. 10). Filamentous fungi and yeast are the most
efficient lignin degraders [108]. The carotenogenic yeast
Rhodosporidium toruloides showed the ability to degrade
lignin-based aromatics into high value-added products
used in the production of biofuels [109]. Because aro-
matics derived from lignocellulosic biomass have a wide
range of industrial applications, aromatic polymers have
significant potential for the sustainable production of val-
uable compounds in bioenergy.

By 2025, the World Bank estimates that waste gen-
eration will exceed 2.6 billion tons due to population
growth [110]. Around 60% of all waste generated on a
global scale is lignin-based aromatics (organic waste from
agriculture and textile industry) [111]. Currently, these
organic residues are composted or incinerated, result-
ing in secondary wastes or methane and CO, emissions
[112]. As a result, recycling lignin-based aromatic wastes
into high value-added products is necessary to minimize
environment pollutants and conserve energy. In addition,
one of the primary obstacles to economically viable SCO
is the search for suitable low-cost carbon sources for ole-
aginous fermentation via various fermentation pathways.
The use of lignin-based aromatic wastes as a feedstock
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can significantly increase industrial-scale SCO produc-
tion. However, a number of challenges must be overcome
before biodiesel-based aromatic compounds become a
reality in the near future.

Lignocellulosic biomass is a plentiful source of renew-
able energy. Once released from carbohydrate polymers
that are tightly bound to lignin, monomer sugars can be
used as a carbon source for SCO synthesis. Corn stalk
accounted for the largest proportion of agricultural crop
residues in China, accounting for over 354.49 million
tons, or 41.66% of total theoretical quantities, followed by
rice straw at over 195.76 million tons (23.01%) and wheat
straw at over 134.76 million tons (15.84%); cotton stalk
accounted for 17.35 million tons (2.04%); oilseeds crops
straw (primarily canola and peanut) accounted for 64.60
million tons (7.59%); and legumes straw (1.83%) as shown
in Fig. 11 [113]. However, in Egypt, wheat straw and
maize stalk weighing 11.2 and 4.9 million tons, respec-
tively, representing 36.7 and 16.2% of total lignocellulosic
residue, are depicted in Fig. 11, along with the remainder

of lignocellulosic residue [114]. Enzymatic catalysts are
typically used to liberate sugars from lignocellulose.
Cellulolytic and hemicellulolytic enzymes, on the other
hand, are frequently inefficient on their own. Thus, pre-
treatment is essential to enhance the biomass digestibility
are sugar liberation [115].

Degradation products such as furans, carboxylic
acids, or phenols produced by certain pretreatment
procedures can have a significant impact on ferment-
ing microorganisms. Numerous approaches, such
as detoxification and adaptation, are being investi-
gated in this context to alleviate the inhibitory effect
of these products on microorganisms when lignin-
based aromatics are employed as the raw material. It
appears that despite the inhibitors, lipids can be pro-
duced from lignocellulosic waste, and several studies
are being conducted to investigate various fermenting
microorganisms. Following enzymatic hydrolysis, the
newly discovered oleaginous yeast Rhodotorula muci-
laginosa KKUSY14 and Lipomyces starkeyi DSM 70,296
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produced SCO from non-detoxified durian peel hydro-
lysates and paper mill waste, respectively [116, 117].
Cryptococcus curvatus produced significantly more
lipids in the untreated wheat straw hydrolysate (33.5%
w/w lipids per DW) than in the detoxified wheat straw
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hydrolysate (27.1% w/w lipids per DW), indicating that
this oleaginous yeast is highly resistant to inhibitors.
Although Cryptococcus curvatus demonstrated high
resistance to furfural, 5-HMF, and acetic acid, it also
demonstrated a high capacity for consumption of these
inhibitory compounds in 24 h, as well as the ability to
utilize furfural and acetic acid as carbon sources [118].

Biomass degradation mechanisms in termite
digestive tracts

Termites consume a cellulose-rich diet, and digestion
necessitates the presence of both the termite and its gut
symbionts [119]. Lignocellulosic biomass is combined
with the termite salivary gland enzymes, and partially
digested biomass enter the termite digestive tract, where
the gut symbionts hydrolyze the polysaccharides via
enzyme secretion [120]. Termite gut symbionts secrete
cellulases, hemicellulases, and lignin-modifying enzymes
[121]. Figure 12 illustrates the lignocellulose degrada-
tion mechanisms in the digestive tracts of lower and
higher termites [122, 123]. Hydrolysis of cellulose was
initiated in the foregut of lower termites initiate cellulose
hydrolysis in the foregut via salivary gland secretion of
B-glucosidases and endoglucanases [124]. In the hind-
gut, symbiotic flagellated protists endocytose partially
degraded food particles, hydrolyze crystalline cellulose
and hemicellulose, and possibly modify lignin via the
production of cellulases, hemicellulases, and lignin-mod-
ifying enzymes [125]. It is more complicated for higher
termites to break down lignocellulose, and the process
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differs from one species to another. Endoglucanases are
produced in the midgut of wood-feeding termites (Nas-
utitermitinae), whereas these enzymes are produced in
the hindgut of Termitinae [126]. Endoglucanases, on
the other hand, have been discovered in the midgut and
hindgut of some Nasutitermitinae species, which is unu-
sual [127]. The activity of B-glucosidases varies among
different species of termites, as well. Some Nasutitermes
species, for example, produce these enzymes from their
salivary glands and the midgut, among other places [128].
The B-glucosidase and endoglucanase activities of Mac-
rotermitinae can be found in both the salivary glands
and the midgut of these termites. The p-glucosidase
and endoglucanase activities of Odontotermes formosa-
nus (Shiraki) are produced in the salivary glands [129],
whereas Macrotermes barneyi secrete p-glucosidase and
endoglucanase in the midgut [123]. As opposed to other
subfamilies of higher termites, the activity of lignocel-
lulose-degrading enzymes in Macrotermitinae is more
complex, owing to the presence of basidiomycete fungi
within the nest, which are distinguished by their ligno-
cellulose degradation abilities [130]. When wood frag-
ments are ingested by Macrotermitinae, it is believed
that they combine with salivary -glucosidase and endo-
glucanase and are then broken down into small particles
in the foregut before moving to the midgut for digestion
[131]. Endoglucanase and P-glucosidase enzymes are
also secreted by the midgut, which act synergistically
with salivary cellulases to hydrolyze amorphous regions
of cellulose [132]. Macrotermitinae have also been found
to have high levels of xylanase activity in their midguts
[133]. Once partially digested food reaches the hindgut,
it is attacked by lignocellulolytic enzymes secreted by the
gut symbionts, resulting in food waste digestion and par-
tial lignin modification [134].

Azo dyes as aromatic textile wastewater pollutants
Dyes are chemical compounds that impart color to a
substance [135]. Dyes are composed of two major com-
ponents: (I) the auxochrome moiety, which determines
their water solubility and binding to textile fibers, and
(II) the chromophore group, which imparts color to fab-
rics [136]. The classification of textile dyes in Fig. 13 is
based on their chemical structures and the color index
system [137-143]. The majority of dyes contain chemi-
cal functional groups such as carboxylic, amine, or azo
groups, which are occasionally conjugated to form aro-
matic structures [144]. The presence of more aromatic
nuclei in the dye matrix enhances double bonds and mol-
ecule complexity [145]. Due to these incredibly complex
structures, synthetic dyes typically exhibit extremely low
degradability and recalcitrance [146]. The textile indus-
try is a large consumer of water [147]. Additionally, the
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wastewater generated by this industry is a significant
source of pollution due to its oxidative substances, per-
sistent color, low biodegradability, and alkalinity [148].
Furthermore, the discharged liquid is a descendant runoff
from a series of chemical baths that generates large vol-
umes [149]. Textile dyes have a high molecular stability
when subjected to chemical oxidation and light degrada-
tion. Furthermore, they may have biomagnification, tox-
icity, and even carcinogenic properties, all of which can
be harmful to human health [15, 150, 151]. As a result,
textile wastewaters are a source of concern and should be
carefully treated to mitigate their environmental impact
[152-155].

Numerous chemical and physical techniques, including
Fenton oxidation, membrane filtration, ozonation, coagu-
lation/flocculation, electrochemical treatment, advanced
oxidation process, and adsorption, were investigated
under this scope for the treatment of dye-containing tex-
tile wastewater [15, 156]. However, these methods are
frequently not preferred due to a number of drawbacks,
including toxic byproducts and sludge production, high
costs, extensive infrastructure requirements, and limited
applicability [15, 157]. Furthermore, the presence of high
temperatures, chemical oxygen demand (COD), biologi-
cal oxygen demand (BOD), pH, color, and heavy metals
frequently impedes their use in textile wastewater treat-
ment [158].

The demand for fresh water is expanding quickly as
a result of urbanization and industrialization, and is
expected to exceed 55% by the year 2025 [159]. Recently,
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the "wastewater treatment field" has become a hot topic
in both the academic and industrial communities, with
the goal of removing chemical and microbiological pol-
lutants from municipal/industrial wastewater [156].
Nonetheless, reusing treated effluent water can con-
stitute a major health risk due to contamination from
microbiological contaminants and organic matter. To
date, biological treatment is widely recognized as one
of the most environmentally friendly and cost-effective
methods of removing toxins from wastewater [15, 160].
Notably, the use of oleaginous microorganisms in bio-
logical wastewater treatment is far more appealing than
traditional aerobic and anaerobic digestion technologies,
which necessitate sophisticated systems [161]. While
oleaginous microorganisms can be cost-effective, they
also have the ability to quickly clean wastewater and
produce high-value-added products [162]. Utilizing ole-
aginous microorganisms in low-cost substrates such as
nutrient-rich wastewaters is clearly a circular economy
concept that has the potential to sustain industries asso-
ciated with wastewater treatment plants. Textile indus-
try consumes a significant amount of potable water in
the production of fibers, resulting in massive amounts of
wastewater (Fig. 14) [163, 164]. One kilogram of textile
material requires approximately 200 L of water to manu-
facture. This quantity of water is required when chemi-
cals are applied to fabrics and when the finished products
are rinsed. China exports the most textiles of all kinds,
followed by the European Union, India, and the United
States [165].

Azo dye classification and toxicity

Azo dyes are among the most hazardous types of syn-
thetic dyes produced in textile manufacturing eftluents
due to their chemical structure, which contains azoic
linkages, amino groups, and aromatic rings. The global
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annual production of synthetic textile dyestuff is esti-
mated to be over 1x 10° ton [166]. Azo dyes account
for more than 70% (9,000,000 tonnes) of all synthetic
dyestuffs and global manufacturing needs [167]. In com-
parison to natural dyes, azo dyes are more widely used in
textile, pharmaceutical, and other industries (Fig. 15A)
due to their ease of manufacture, resistance to fading, and
color diversity. Figure 15B depicts the classification of azo
dyes. According to the radical group attached to the azo
bond, azo dyes are classified into two groups: the first
group contains a radical attached to an aromatic amine
moiety (NH,—~R-N=N-R’), whereas the second group
contains only radical compounds (R-N=N-R’) and
generates aromatic amines upon reduction [145]. While
reduction is the predominant reaction type involved in
the degradation of the majority of azo dyes by specific
enzymes called azo reductases, a few dyes are cleaved via
oxidation using oxidases and peroxidases [145].

Azo dyes and their metabolites containing AAs are
toxic, carcinogenic and mutagenic [168]. It has been
reported that 15-50% of azo dyes are deposited in waste-
water, which is frequently used for irrigation in develop-
ing countries [169]. Azo dyes also alter soil chemistry,
disrupting the microbial soil balance and impairing plant
germination and flowering [145]. Azo dyes found in tex-
tile industry effluents can cause environmental stress and
increase abscisic acid secretion in plants, impairing their
normal growth [170]. Surprisingly, azo dyes from textile
effluents were found in contaminated plants, where they
wreaked havoc on plant physiology and growth [171]. It
has been demonstrated that the azo dye Black Dye Com-
mercial Product (BDCP) is both an aneugen and a clas-
togen, causing chromosomal aberrations, micronuclei
formation, and cell death in Allium cepa meristematic
cells after exposure to 1.0 ppb of BDCP [172]. The bio-
degradation of BDCP by a consortium of diverse bacte-
rial strains and yeast revealed that the toxic metabolites
were more cytotoxic and genotoxic than the parent com-
pound. The AAs produced by the bacterial and yeast azo
reductases upon azo bond cleavage are most likely the
cause of the azo metabolites’ more adverse effects [25,
26, 173]. Water coloring is caused by the release of textile
effluents, particularly red, orange, and yellow azo dyes,
into the water, thereby reducing sunlight penetration and
thus plant photosynthesis and growth rate [15]. Addi-
tionally, azo dyes dispersed in water provide an abundant
substrate for bacterial populations and aquatic microor-
ganisms. The AA precursors formed during the biodeg-
radation of azo dyes contribute to the overall increase
in the water content of toxic amines, which have a more
detrimental effect on fish and aquatic organisms.

Azo dyes and their degraded byproducts also have det-
rimental effect on humans (Fig. 16). The AAs formed
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as a byproduct of azo dyes have the potential to be car-
cinogenic. Numerous symptoms have been observed
in zebrafish when exposed to azo dye at concentrations
ranging from 5 to 50 mM, including spinal deformities,
placenta swelling, and heart swelling [174]. The most

common routes of exposure for humans to azo dyes are
inhalation, skin contact, and oral ingestion. Allergic con-
junctives and rhinitis are the initial symptoms that affect
workers and typically occur prior to the onset of occu-
pational asthma [175]. Allergic conditions develop as a
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result of histamine’s association with immunoglobulin
(IgE) antibodies produced against circulating antigens
that were previously formed by the reaction of reactive
azo dyes with human serum albumin [176]. The skin
is a critical route for xenobiotics to enter the human
body. Corynebacterium, Enhydrobacter, Micrococcus,
Propionibacterium, Staphylococcus, Streptococcus, and
Veillonella are the most abundant bacterial strains physi-
ologically present on human skin [177]. The majority of
these dermal species cleave azo dyes, such as Orange II
and Methyl Red, into toxic AAs, which may be absorbed
directly into the skin tissue and induce carcinogenesis
[178]. Additionally, dermal mutagenesis was induced by
direct contact with 40 mutagenic AAs derived from 180
parent azo dyes used in the textile industry [178].
Consumption of azo dye-contaminated water can
result in acute toxicity symptoms such as irritation,
inflammation, or system failure. Crystal Violet is an azo
dye that may be present in textile industry wastewater,
causing irritation of the gastrointestinal tract, inflam-
mation of the urinary bladder, and kidney failure [179].
Chronic exposure to azo dyes or their AAs byproducts
can initiate carcinogenesis. Disperse Red 1, an azo dye

widely used in textile coloring, increased the occurrence
of micronuclei in human hepatoma cells and lymphocyte
culture in vitro, while the damage caused by Disperse
Red 1 established its clastogenic effect on chromo-
somes [180]. Additionally, when the Disperse Red 1 dye
was tested in vivo on mature male mice, it induced tes-
ticular cytotoxicity, abnormal sperm morphology, and
genotoxic DNA damage to spermatogonia in the testes
[181]. Azure-B, another widely used azo dye in the textile
industry, influenced human behavior by inhibiting mono-
amine oxidases A in the nervous system [182]. Human
and other mammalian intestinal microflora anaerobically
degrade azo dyes to their AAs, resulting in carcinogenic
nodules in the liver, as well as breast and hematopoietic
cancer [183]. The AAs degraded by the intestinal micro-
biome are diverse in general. For example, the Sudan II
azo dye, which is widely used in the textile industry, can
be biodegraded to a variety of metabolites, including 2,4
dimethylaniline AA. After three hours of post-treatment
with 2,4 dimethylaniline via gastric gavage, damaged
DNA was detected in the lungs, kidney, and liver tis-
sues [184]. It has been reported that p-phenylenediamine
can cause acute kidney failure in humans. Additionally,
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O-Toluidine can cause DNA damage and aneuploidy in
cultured mammalian cells [185]. Benzidine, the reduction
product of Congo Red and other azo dyes, is well-known
for its carcinogenicity to various organs and cells in the
body, including the stomach, large intestine, liver, gall
bladder, bile duct, and pancreas. Additionally, it has the
potential to cause cancer in the respiratory and genitou-
rinary systems, most notably in the lungs and kidney cells
[186]. Notably, when benzidine is released into water
following the treatment of textile effluents, acute oral
toxicity symptoms such as nausea, dizziness, headache,
cyanosis, and mental confusion can manifest [187].

Mechanisms by which yeasts degrade azo dyes
While yeasts have several advantages over filamentous
fungi and bacteria when it comes to degrading textile
dyes, their ability to develop rapidly and tolerate stress-
ful conditions are two of the most significant advantages
[24]. Only a few reports, however, have highlighted the
degradation and removal of azo dyes by yeasts. Several
yeast strains, including Pichia occidentalis, Scheffersomy-
ces spartinae, and Sterigmatomyces halophilus, have been
shown to be capable of degrading a variety of textile dyes,
including azo dyes, as well as to withstand severe condi-
tions, such as high salt concentrations in textile wastewa-
ter [25, 26, 188]. The ability of Saccharomyces uvarum,
Torulopsis candida, and Saccharomycopsis lipolytica
to biosorb Reactive Brilliant Red K-2B was determined
[189]. Saccharomyces cerevisiae was also evaluated for
its ability to remove Remazol Blue, with results indicat-
ing that biosorption treatment can reduce the COD value
and color absorbance of wastewater containing Remazol
Blue dye by 61.8 and 100%, respectively [190].

Regarding the biodegradation mechanism, reductive or
oxidative reactions are commonly involved in the biodeg-
radation of azo dyes using a yeast-mediated enzymatic
system. Lignin-modifying enzymes have a high potential
for decolorizing and degrading azo dyes used in textiles
[28]. In general, reductive reactions result in the azo dyes
cleaving of AAs into less toxic compounds that mineralize
into CO, and H,0. Azoreductase and NADH-dependent
reductases are putatively involved in this phase [26].
Yang et al. [191] demonstrated the efficiency of Reac-
tive Black 5 degradation by manganese peroxidase-
producing Debaryomyces polymorphus, whereas Jadhav
et al. [192] found an increase in lignin peroxidase and
other enzyme activity in Saccharomyces cerevisiae dur-
ing Methyl Red decolorization. Qu et al. [193] described
the mechanism by which yeasts remove azo dyes, which
included asymmetric azo bond cleavage, adsorption, and
hydroxylation. The dye is first converted to AAs such
as  3-amino-4-hydroxy-naphthalene-1-sulfonate  and
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4-amino-naphthalene-1-sulfonate, which are then oxi-
dized to ortho-hydroxyl compounds. In general, lignino-
lytic enzymes oxidize azo dyes to form a carbonium ion,
which then undergoes nucleophilic water attack to form
a diazene derivative and a benzoquinone. Following dia-
zene oxidation, molecular nitrogen is liberated, resulting
in the formation of hydroperoxide derivatives.

Biodiesel (lipid) production

Biodiesel production by several oleaginous microorgan-
isms, such as microalgae, fungi, and bacteria, have been
extensively studied [19, 194-196]. Lipids mainly accu-
mulate in the TAG form, polar lipids, and free fatty acids
in cell biomass. Oleaginous microorganisms have been
defined as organisms with a lipid content exceeding 20%
of total biomass [2]; therefore, they can be considered
as sustainable biofuel precursors. Especially yeasts rep-
resent promising lipid producers among the oleaginous
microbes, as they are characterized by a high growth rate,
they have a high lipid yield and are also able to use low-
cost substrates such as agricultural residues, resulting in
high content of C16—C18 fatty acids [2, 18, 75, 197].

Biosynthetic pathways of lipids by oleaginous
yeasts for biodiesel production

Figure 17 depicts the biosynthetic pathways for lipids
by oleaginous yeasts, which are based on previously
reported key enzymes and genes [72, 83, 198, 199]. In
oleaginous yeasts, lipids are synthesized via two distinct
biosynthetic pathways. Lignocellulosic biomass sug-
ars are used as a hydrophilic carbon substrate in the de
novo pathway [200]. However, oils are used as a hydro-
phobic carbon substrate for lipid biosynthesis in the ex
novo pathway. Acetyl-CoA and nicotinamide adenine
dinucleotide phosphate (NADPH) are required for the de
novo lipid biosynthesis pathway. Acetyl-CoA is synthe-
sized from fatty acids, sugars, and amino acids, whereas
NADPH is synthesized via the pentose phosphate path-
way [201]. A condition in which the fermentation broth
contains an excess of carbon and a deficiency of nitro-
gen can result in lipid synthesis [202]. As illustrated in
Fig. 17, the majority of the enzyme-catalyzed reactions
involved in the Kennedy pathway’s lipid production have
been identified. Lipomyces starkeyi exhibited some novel
lipid accumulation pathways in comparison to other
lipid-producing yeasts such as Rhodotorula glutinis, Yar-
rowia lipolytica, and Rhodosporidium toruloides [203].
Due to the fact that Yarrowia lipolytica was considered
a degrading yeast, metabolic engineering operations
were required to achieve efficient lipid accumulation in
this wild-type yeast [204]. In comparison to non-oleagi-
nous yeasts, the oleaginous yeast Lipomyces starkeyi was
unique in the citrate/malate shuttle for citrate transport
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and the pyruvate dehydrogenase pathways [198]. Addi-
tionally, yeast fermentation can be used to utilize xylose,
which is the second most abundant sugar in biomass
hydrolysate. It was previously reported that xylose uti-
lization was significantly lower in wild-type Lipomyces
starkeyi than glucose utilization [205]. This indicated that
an increase in the rate of xylose metabolism was required
via metabolic regulation mechanisms. The carbohydrate
xylose can be converted to D-xylulose, which can then be
converted to xylulose 5-phosphate, then be converted to
acetyl phosphate via the enzyme phosphoketolase, which
finally enters the PK-PTA-AADH pathway and contrib-
utes to lipid synthesis (Fig. 17).

Biodegradation pathways of lignin-based
aromatics by yeasts inhabiting termite guts

and biodiesel production

Among various organisms, termites represent the most
efficient lignocellulose-degrading systems for the three
main polymers of biomass namely, cellulose, hemicel-
lulose and lignin (Fig. 18). The degradation of lignin by
wood-feeding termites is fascinating, and while much
evidence has recently been gathered, several critical pro-
cessing characteristics remain ambiguous. A termite gut
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system is generally considered an anaerobic environment
due to the large community of strictly anaerobic micro-
organisms such as yeasts found in the termite guts. For
lignin degradation, laccase and phenol-oxidase gene
expression, as well as pyrogallol oxidation activity, were
confirmed to occur in the salivary glands of the termite,
Reticulitermes flavipes [22]. In order to decompose lignin
and assimilate its aromatic building blocks, yeasts have
evolved a number of sophisticated metabolic pathways.
Several laccases and peroxidases are used to break dif-
ferent linkages connecting the S, G, and H-lignin mono-
mers in these metabolic pathways, which are required for
lignin degradation (Fig. 19) [206]. Glutathione S-trans-
ferases, etherases, thiolases, and cytochrome P450 have
also been linked to lignin depolymerization. Cutaneotri-
chosporon oleaginous ATCC 20,509 can grow on lignin,
can tolerate high concentrations of 15 different monoaro-
matic compounds, and can accumulate lipids in excess of
69% of dry weight [207]. The strain’s tolerance for stirring
and several inhibitors, as well as their metabolic flexibil-
ity, reflect their ability to utilize undefined and impure
lignin feedstocks in nonsterile conditions, thereby low-
ering the process’s cost. Rhodosporidium toruloides
DSM-4444 and IFO 0880 are two additional yeasts that

- Cellulose

100 |

» =\ ®
(=] (=] (=]

Degradation rate (%)
N
(=]

Degradation rate (%)

o
:

Higher termites
-~
100 df 1

100
— — 1
X X ]
£ g0 bo < 8o ]
% % ]
= 60 = 60 7
E Pa
E= £ 410
< 40 <

g 2

g i ]
g0 20 g 20
a a

0 ] 0

Brown rot

lignin)

: Hemicellulose

Lower termite

White rot

Fig. 18 Representative lignocellulolytic systems and their efficiency of conversion for the major biomass polymers (cellulose, hemicellulose, and

- Lignin

100 1,

80 A

60 -

40 4

20 4

Degradation rate (%)

Cow

100 |,

80 A

60 1

40 4

20 4

Degradation rate (%)

Bacteria




Ali et al. Biotechnology for Biofuels and Bioproducts (2022) 15:35

Page 21 of 40

\o

Heo

-0

o)

\
3+
o o [ Manganese Mn Lignin 1
0 H 2 (@) 5 peroxndase peroxndase
2 L { Versatile ] [ Versatile 2+
accase 2 Mn
peroxidase peroxndase
H,0 H,O0
2 2 A
P
O
2 | 7 o # Om
HO o
Z OH
- 0PN\~ P Q HO o}
o o I HO |
I o | OH o
R-OH R=0

o

Pyranose oxidase

0, > H,0,

[ 1

[Cellobiose dehydrogenase 1

[ )

Fig. 19 A representative diagram of bond cleavage catalyzed by various ligninase families

Alcohol oxidase

have been shown to metabolize aromatic lignin mono-
mers [207, 208]. Only Rhodosporidium toruloides DSM-
4444, on the other hand, was able to metabolize the four
models of lignin monoaromatics using lignin as the sole
carbon source [208]. The advancement of multi-omics
technology has increased accessibility to lignin-related
metabolic pathways. Clearly, yeasts and fungi depolym-
erize lignin and lignin-based aromatic compounds more
efficiently than bacteria [209]. When lignin depolymer-
izes to monomers and/or low-molecular-weight aro-
matics, yeasts use them to assimilate carbon and energy
through their well-adapted metabolic pathways.

Pathways for lignin-based aromatics degradation
by yeast inhabiting termites and biodiesel
production

Termites, an influential group of social insects known
for destroying human property, are now considered an
informative bioreactor that can efficiently degrade lig-
nocellulosic biomass [210]. Indeed, termites contrib-
ute significantly to the global carbon recycling process
occurring within natural ecosystems [211]. Their capac-
ity to dissipate 74—99% of the cellulose and 65-87% of
the hemicellulose they consume is remarkable, allow-
ing them to use the material as their primary source of
energy [24]. Termite digestome "termites and their gut
symbionts" is an ideal biological model for improving the

current inefficient biorefinery processing of lignin-based
aromatic wastes due to their ability to thrive on recalci-
trant lignocellulosic biomass and their widespread distri-
bution [24].

Lignin polymer networks are primarily composed of
p-hydroxyphenyl (H), guaiacyl (G), and syringyl (S) units,
which are formed by dehydrogenating and polymerizing
three different hydroxycinnamyl alcohols (monolignols),
namely p-coumaryl alcohol, coniferyl alcohol, and
sinapyl alcohol [22]. The G-lignin unit comprises 37.8
and 98.3% of the lignin in poplar (a typical hardwood)
and pine (a typical softwood), respectively [212]. Ferulic
acid has been used as a model compound for G-lignin
for many years. It is structurally connected to the C-5
of the l-arabinofuranosyl residue, which is attached to
the xylan backbone and acts as a lignification anchor in
herbaceous biomass [213]. Although it is known that
coniferyl aldehyde is converted directly to ferulic acid in
the yeast Saccharomyces cerevisiae, the enzymes respon-
sible for this conversion are unknown [214]. As a result,
a set of candidate genes and degradation pathways for
G-lignin-derived aromatics have been proposed in yeasts
(Fig. 20). According to the literature, the yeasts Brettano-
myces anomalus, Saccharomyces cerevisiae, and Debaro-
myces hansenii, all convert p-vinyl guaiacol to vanillin
[215-217]. The conversion of ferulic acid to vanillic acid
has been observed in the oleaginous yeasts Cryptococcus
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curvatus, Trichosporon guehoae, and Rhodosporidium
toruloides, but the exact mechanism is unknown [208].
It has been reported that Candida parapsilosis demeth-
ylated vanillic acid via a non-heme iron monooxygenase
mechanism [218]. In conclusion, vanillic acid and vanil-
lin are significant G-unit monolignols because they were
detected during the degradation of lignin [219]. Vanil-
lin can be converted by yeast in two pathways, depend-
ing on the strain: as vanillic acid or as vanillyl alcohol.
Before being cleaved from the ring, it is converted into
three major compounds: protocatechuic acid, catechol,
and hydroxyquinol. While yeasts and fungi frequently
possess a pathway leading to hydroxyquinol, bacteria do
not [220]. As a result, demethylation of vanillic acid via
a non-heme iron monooxygenase mechanism is likely to
be a major pathway in yeast and bacteria, whereas dem-
ethylation of vanillic acid to protocatechuic acid (PCA) is
the primary pathway in filamentous fungi.

When it comes to poplar and pine wood, the H-lignin
unit accounts for 0.3 and 1.7% of the total lignin content,
respectively [212]. Pei et al. [221] reported that p-cou-
maric acid, a derivative of the monolignol p-coumaryl
alcohol and a ferulic acid homologue, can be linked to
polysaccharides and has antioxidant and antimicrobial
properties. Cinnamic acid is converted to p-coumaric
acid during the synthesis of lignin in plants [222]. Fig-
ure 21 depicts the degradation pathways for H-lignin-
based aromatics in yeast. Sudrez et al. [223] found that
the yeast genera Brettanomyces and Dekkera were capa-
ble of converting p-vinylphenol into p-ethylphenol. How-
ever, no evidence has been found for the conversion of
p-coumaric acid to p-hydroxybenzoic acid in the pres-
ence of yeast [214]. On the other hand, in poplar and
pine wood, the S-lignin unit accounts for 61.9 and 0.0%
of the lignin, respectively [212]. In comparison to G- and
H-lignin, which contain one and zero methoxy groups on
the aromatic ring, S-lignin contains two methoxy groups.
As a result, degrading S-lignin is more difficult than
degrading G- or H-lignin. Due to the structure of syrin-
gic acid, it is regarded as a model compound for S-lignin.
Sinapic acid, a derivative of the monolignol sinapyl alco-
hol, is an aromatic compound with poorly understood
aromatic metabolic pathways. In yeast, aromatic com-
pounds derived from S-lignin are degraded via the path-
ways depicted in Fig. 22.

PCA and catechol are abundant in a variety of lignin
hydrolysates. As can be seen, G- and H-lignin compo-
nents are metabolized via the PCA 4,5-cleavage path-
way, while S-lignin components are degraded via the
PCA 4,5-cleavage pathway. As illustrated in Fig. 23, the
degradation of PCA in microbes has been classified into
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three pathways: 3,4-cleavage [224], 4,5-cleavage [225],
and 2,3-cleavage [226]. Although no PCA ring cleavage
pathways have been discovered in yeasts, the yeast Arx-
ula adeninivorans converts PCA to catechol via a process
catalyzed by Gdc [227]. It has been demonstrated that the
yeasts Candida parapsilosis and Trichosporon cutaneum
possess a second pathway in which PCA is converted to
hydroxyquinol via the Mnx1 [228]. Figure 24 illustrates a
schematic representation of the PCA and catechol degra-
dation pathways in yeast. Tsai and Li [229] demonstrated
that Candida albicans utilizes the catechol 1,2-dioxy-
genase (Hqd2) to cleave the aromatic ring of catechol.
This enzyme is substrate specific and does not catalyze
hydroxyquinol or catechol-related compounds. Hydrox-
yquinol is derived from a variety of aromatic compounds,
including p-hydroxybenzoic and vanillic acids. It has
been discovered that hydroxyquinol rings can be broken
down in two distinct pathways. Maleylacetate is formed
by oxidative cleavage of the intradiol ring. It is then con-
verted to acetyl-CoA and succinate, which enter the TCA
cycle via the first pathway [230]. The second pathway
converts hydroxyquinol to 2,4-dihydroxymuconic semi-
aldehyde, which is then converted to acetylpyruvate and
formate via a series of reactions. Finally, acetylpyruvate is
converted to acetate and pyruvate, which are then pro-
cessed and utilized in the TCA cycle. The hydroxyqui-
nol dioxygenase 1 (Hdx1) enzyme in the yeast Candida
parapsilosis catalyzes the hydroxyquinol intradiol ring
cleavage to form maleylacetate, which is further broken
down into 3-oxoadipate and 3-oxoadipate-SCoA [228].
Gentisate dioxygenase (Gdx1) is a Candida parapsilo-
sis yeast enzyme that catalyzes the cleavage of gentisic
acid’s aromatic ring to form maleylpyruvate [228]. The
enzyme fumarylpyruvate dioxygenase 1 (Fphl) converts
maleylpyruvate to fumarylpyruvate, which is then split
into fumarate and pyruvate. It is worth noting that pyro-
gallol is converted to 2-hydroxymuconic acid in the yeast
Arxula adeninivorans [227], and the pathway is identical
to that described in detail for the catechol extradiol ring
cleavage pathway.

In conclusion, the efficient wood-degrading process
evolved in termite gut systems provides support to a
novel concept that complete lignin degradation. Numer-
ous species have been identified with aromatic metabolic
pathways. However, one can speculate that the natural
habitat of a microorganism has a significant effect on the
metabolic pathways that are activated. The majority of
aromatic metabolic enzymes in bacteria have been iden-
tified, whereas only a few have been identified in yeasts.
In many microorganisms, the ferulic acid metabolic path-
way is important because of the interaction of ferulic
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acid with polysaccharides such as xylan and pectin. This
interaction could explain the overlap between the feru-
lic acid metabolic pathways of bacteria and fungi. How-
ever, it appears that fungi and yeasts have their own set
of pathways that are distinct from others. The knowledge
gained about wood-feeding termites could be used to
improve and modify existing biomass pretreatment tech-
nologies. In addition, combining nature’s and mankind’s
achievements should result in new scientific and techno-
logical breakthroughs that are critical for using aromatic
wastes as renewable resources for producing biofuels and
bioproducts.

Some key scientific questions or challenges we
have to face

The use of the non-natural yeast cells and their enzy-
matic/metabolic system for lipid synthesis is a clean,
efficient, and renewable path to achieve "a sustainable
development” towards biodiesel production. With this
hypothesis, we have to face the following challenges in
terms of science and the potential applications:

I. Lack of the potent/robust oleaginous yeast species
or strains served as a potential cell factory to pro-
duce lipids from various aromatic waste material,
such as azo dye, lignin analogous wastes, with this
demand, we need to develop a technology system
to screen and evaluate those potential robust ole-
aginous yeasts.

II. A complicated and unknown network regulation
system commonly presented in the natural ole-
aginous yeast cells, with the demand to develop a
robust oleaginous yeast cell factory for lipid con-
version from waste biomass/organic dyes, we have
to face the challenges for how to rebuild the yeast
metabolic pathway with the synthetic biology
methods in terms of the well understanding yeast
regulation network by various "omics" technolo-
gies.

III. How to develop an optimized fermentation system
of oleaginous yeasts to maximize the function of
yeast lipid conversion capability from those aro-
matic biomass wastes is a fundamental challenge
for us, where the yeast cell growth factors and
some relevant co-factors in fermentation should be
well understood and managed.
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The novel solutions and methodology we will
propose

Aromatic wastes can be efficiently utilized by oleaginous
yeasts

To develop the biodiesel industry in a sustainable man-
ner, and to truly industrialize it, we must address three
issues comprehensively: the first is diversified raw mate-
rial sources; the second is diversified conversion and utili-
zation production technology; and the third is diversified
product development. Oleaginous yeasts are capable of
bio-converting lignin into lipids, the raw material used
to make biodiesel. Cs-fad2, a A 12-fatty acid desaturase
gene, was heterologously expressed in Saccharomyces
cerevisiae for linoleic acid biosynthesis [231]. Increased
inoculum size can increase Cryptococcus curvatus’ toler-
ance for phenolic compounds found in lignin and result
in increased production of lipids. Vanillin was the most
toxic, whereas p-hydroxybenzaldehyde and syringalde-
hyde inhibited Cryptococcus curvatus at concentrations
ranging from 0-1.0 g/l [232]. Hu et al. [233] reported that
Trichosporon cutaneum fermented on lignin model com-
pounds (4-Hydroxybenzaldehyde) produced 0.85 g/l of
lipids, with the major fatty acids being 42.9% stearic acid,
36.6% oleic acid, and 20.5% palmitic acid.

Numerous oleaginous yeasts, including Cryptococcus
curvatus, Rhodosporidium toruloides, and Yarrowia lipo-
lytica, have been found to grow on hydrolysates of inedi-
ble lignocellulosic biomass [234, 235]. When hydrolysates
of the non-edible crops Cassava and Jerusalem artichoke
were provided, Rhodosporidium toruloides could produce
63.2% and 56.5% lipid content (w/w), respectively [118].
In the United States, Asia, and Europe, the most prom-
ising non-edible lignocellulose biomasses/feedstocks are
sugarcane bagasse, sugarcane husk, wheat straw, rice
straw, and corn stover [236-241]. Rhodotorula muci-
laginosa 1IPL32 produced 15.3 g/l biomass and 0.17 g
SCO per gram of xylose consumed when grown on the
pentose fraction of acid pretreated sugarcane bagasse
as a carbon source [242]. When Rhodosporidium toru-
loides was grown on a nonsterile distillery and domestic
mixed wastewater medium, it produced 36.9% lipid con-
tent [243]. Rhodosporidium toruloides used acetic acid
as another low-cost carbon source, accumulating 48.2%
lipid content with 4.35 g/I cell dry biomass [244]. Rho-
dotorula kratochvilovae HIMPAL is an oleaginous yeast
with the unique ability to use pulp and paper industry

(See figure on next page.)

Fig. 21 The scheme of H-lignin-based aromatics degradation pathways in yeasts. The prospect pathway for p-coumaric acid is represented by red
lines. The use of question marks indicates that the enzyme has not been identified. The suggested gene, which encodes for specific enzymes, was

found in the mentioned species
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effluent as a culture medium and accumulate a high
amount of cell dry weight (13.87 g/l) with a total lipid
yield of 8.56 g/l within the cellular compartment [243].
As a result, oleaginous yeast utilization has received a lot
of attention.

Termite guts as an unexplored reservoir

of aromatics-degrading yeasts

Termites proliferate in large numbers in terrestrial eco-
systems [22]. While the mechanisms of cellulose diges-
tion in termites have become more understood, the
degradation of lignin and aromatics remains a mys-
tery. Termites play an important role in the global car-
bon cycle due to their ability to degrade lignocellulose;
thus, lignocellulose-degrading enzymes from the "ter-
mite digestome" have many potential bioenergy applica-
tions [245, 246]. With the removal of cellulose (74—-99%),
hemicellulose (65—-87%), and lignin (5.0-83%), termite
digestion of lignocellulose is highly efficient, with typical
bioconversion exceeding 95% within a day [24]. Recent
research indicates that termite symbionts contain cel-
lulolytic or lignin-derived components and are capable
of degrading aromatic hydrocarbon compounds [247].
Thus, termite symbionts would be advantageous for
industrial purposes. Despite the longer reaction time
and more stringent control of microbial growth condi-
tions, a biological system involving termite gut symbionts
appears to be more appealing.

Several species of host organisms have been recently
identified, including Reticulitermes chinensis, Cop-
totermes formosanus, and Mastotermes darwiniensis,
while the newly isolated yeasts represent an untapped

source of bioactive compounds, enzymes, and derived
biotechnological applications. Intestinal yeasts can effec-
tively remediate textile wastewater and decolorize both
individual and mixtures of azo dyes, owing to their enzy-
matic activity and tolerance to high salt concentration
[25, 26]. Concurrently, yeasts from wood-feeding termite
guts constitute effective lignin, cellulose, and hemicellu-
lose degraders and can be further exploited for the val-
orization of recalcitrant lignocellulosic biomass, as in the
case of the xylanolytic Candida pseudorhagii, an efficient
bioethanol producer upon xylose fermentation [96]. Fur-
thermore, additional yeast benefits have been recently
highlighted, including cold adaptation and tolerance to
lignin-derived inhibitors [2, 27]. Lastly, novel yeast con-
sortia can be efficiently constructed, with improved per-
formance compared to the included individual isolates,
mainly Yarrowia sp., Meyerozyma guilliermondii, Sterig-
matomyces halophilus, Barnettozyma californica, Mey-
erozyma caribbica, Debaryomyces hansenii, and Vanrija
humicola, or by combining the activity of yeast and bac-
terial isolates [96, 97].

Reconstruction of oleaginous yeast metabolic
network/pathway can be a powerful strategy

to enhance lipid accumulation/transformation
from aromatics

The limitations of using oleaginous yeasts in biodiesel
production include limited feedstock availability and
falling short of theoretical lipid yields. These con-
straints could be overcome by screening and identify-
ing potential alternative oleaginous yeast species, as well
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as investigating their industrial applications. The use
of these alternative yeasts would theoretically improve
hydrolysate specificity, carbohydrate utilization, and tol-
erance to osmotic pressures, pH changes, and growth
inhibitors, lowering the cost of oleochemical production

and, thus, end-product prices. Furthermore, by avoiding
stringent pretreatment of feedstocks and working with
strains that can tolerate competition from microbes in
the surrounding environment and input waste, flexible
culture conditions can be developed (Fig. 25). In recent
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years, based on omics and synthetic biology, the use of
oleaginous yeasts to transform lignin biomass waste
(and organic dye wastewater) into biodiesel products
has become a new research hotspot and technological
development direction, with good prospects for industri-
alization application [2, 18, 27, 28]. Preliminary research
results have shown that high-oily yeast or a composite
flora combination of different yeasts can not only effi-
ciently degrade lignin waste and a variety of organic
dye wastewater similar in structure to lignin, but also
through biotransformation and fermentation. Treatment
to achieve the purpose of decolorization and detoxifica-
tion; at the same time, metabolites of lignin biomass or
organic dyes can be effectively converted into high-qual-
ity biodiesel products in the metabolic process, kill two
birds with one stone. Compared with the requirements
of microalgae raw materials, the requirements of oleagi-
nous yeast for raw materials do not have seasonality and
higher energy and equipment input, and the economic
performance of industrialization is higher.

Yarrowia lipolytica, an oil-producing yeast, has
attracted much attention due to its ability to accumu-
late high lipid content using a variety of substrates and
its flexibility in genetic manipulation [248]. The intra-
cellular lipid metabolism in Yarrowia lipolytica was

customized to produce fatty acids, which are renewable
lipid chemicals and precursors for the production of a
new generation of biofuels [249]. The aromatic products
of lignin depolymerization contain a lot of monocyclic
and polycyclic aromatic compounds [250]. The synthesis
of lipids in Yarrowia lipolytica was a complex metabolic
network which is composed of lignin depolymerization
pathways and fatty acid synthesis pathways [251]. Elu-
cidating the metabolic network in Yarrowia lipolytica
from lignin depolymerization to fatty acid synthesis is
an important prerequisite for improving lignin conver-
sion and constructing high-yield fatty acid-producing
oleaginous yeast. Recently, we found that oleaginous
yeast can effectively biodegrade lignin and its structural
analogs of organic dyes and synthesize neutral oils effi-
ciently. Figure 26 shows the proposed metabolic route of
the lignin and lignin-like dye valorization into biodiesel
by lipid-accumulating oleaginous yeast [18]. In addition,
the physical and chemical quality of its synthetic bio-
diesel is also competitive (Table 2) [2]. The oleaginous
yeast Meyerozyma caribbica SSA1654 was screened
from wood-feeding termite gut symbionts. Its synthetic
oil conversion ability can reach up to 0.08 g/l/h, and the
oil content of yeast can reach 47.25% (w/w) [2], showing
attractive prospects for industrialization applications.
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Table 2 Biodiesel properties produced by Meyerozyma caribbica SSA1654 in comparison with those of olive oil and the international

biodiesel standard EN 14,214

Biodiesel properties M. caribbica SSA1654 Olive oil EN 14214
Long chain saturated factor (%, wt) 334 42 Not specified
Kinematic viscosity (mm?/s) 3.98 45 3.5-5.0
lodine value (gl,/100 g) 9237 84.0 <120
Cetane number 5232 57.0 >51
Saponification value (mg KOH) 199.4 Not determined Not specified
Linolenic acid (C18:3) 407 0.6 <12

Degree of unsaturation (%, wt) 95.85 92.7 Not specified
Density (g/cm?) 0.88 Not specified 0.86-0.9
Oxidation stability (h) 83 33 >6

Data obtained from Ali et al. [2]

Technical bottlenecks/challenges and proposed
solutions

Although yeast transforming aromatic wastes (lignin bio-
mass and organic dye wastewater) into biodiesel has a
certain potential for industrialization, there are still sev-
eral technical bottlenecks and challenges that we need
to face and solve through the following points. Figure 27
depicts a proposed road map and methodology for pro-
ducing biodiesel from aromatics-degrading oleaginous
yeast inhabiting wood-feeding termites.

Strain screening and modification

The lipids produced from oleaginous yeast species
have similar composition and energy values to plant
and animal oils, thus, they may offer alternatives to
several vegetable oil-based applications with no com-
petition for food resources. They can become ideal
bioeconomic feedstocks if grown using low-cost raw
waste materials, such as lignin and its derivatives (e.g.,
lignocellulosic biomass and organic dye wastewater)
and, thus have also a role in waste management. There-
fore, the first proposed solution is how to construct a
breeding technology and a comprehensive evaluation
system for high lipid productivity-producing ole-
aginous yeasts. This challenge will be carried out by
screening and identification of potential alternative
oleaginous yeast species, as well as exploration of their
industrial applications, may be required to overcome
limitations, such as limited feedstock accessibility
and falling short of theoretical lipid yields. Identifica-
tion of robust oleaginous yeast strain(s) with specific
characteristics, such as lignin and its aromatic-based
derivatives utilization, tolerance to osmotic pressures,
tolerance to pH changes, tolerance to growth inhibi-
tors, and tolerance to high concentration dye wastewa-
ter, is therefore critical.

A proposed novel metabolic pathway and strategy

Lipid metabolism has evolved in eukaryotes as a com-
plex metabolic network with a large number of enzyme-
catalyzed reactions connecting different compartments
of the cell. In terms of fatty acid precursors and corre-
sponding enzymes, there are mechanistic differences
between oleaginous and non-oleaginous yeast species,
which are tightly linked with other metabolic pathways
and regulated at various branch points. As a result, the
enzymes involved in lipid biosynthesis are important tar-
gets for increasing lipid accumulation. A few oleaginous
yeast species, such as Yarrowia lipolytica, Rhodotorula
toruloides, and Lipomyces starkeyi, have recently gained
popularity and are now used for a variety of indus-
trial applications. The availability of abundant genetic
resources, optimized culture conditions, and insights
into physiological, biochemical, and molecular responses
to varying growth conditions have aided in the develop-
ment of tailored gene-editing technologies and amenable
transformation methods for these species. Despite exten-
sive research, they have some drawbacks, particularly
access to limited feedstock and falling short of theoreti-
cal lipid yields. Therefore, the second proposed solution
is how to reconstruct the metabolic pathway/network
of the process of yeast transforming aromatic wastes to
maximize the lipid transformation and accumulation
rate from the lignin and lignin-based aromatics with the
applications of various “omics” technologies or a syn-
thetic biology approach. This challenge will be carried
out on selected oil-producing yeast strain as below.

Multi-omics analysis

To elucidate the metabolic network of aromatics depo-
lymerization and fatty acid synthesis, the combined
analysis of transcriptomics, proteomics and metabo-
lomics will be performed. Through omics analysis, the
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key pathways, catalytic enzymes, regulatory factors and
key intermediate metabolites involved in the degrada-
tion of aromatic compounds and fatty acid synthesis will
be identified. Based on the combined omics analysis, the
metabolic network from aromatics to fatty acid in oleagi-
nous yeast will be elucidated.

The research for the stress response mechanism

of oleaginous yeast in the presence of aromatics
When aromatic is used as a substrate, the stress response
mechanism of oleaginous yeast to environmental stress
is analyzed by comparative multi-omics analysis. Due to
the cytotoxicity of lignin and its derived aromatic com-
pounds, it is necessary to clarify the variation of gene
expression profile, transcription levels of key enzymes
and transcription regulators, expression levels of
enzymes in the presence of these aromatic compounds,
and the variation of the transmembrane transport system
in response to the environmental stress. This proposed
solution will help to understand the physiological char-
acteristics of yeast cells in the presence of lignin and its
derived aromatic compounds and provide a theoretical
basis for the genetic engineering of yeast cells.

Construction of high fatty acid-producing strain

In order to improve the efficiency and accumulation of
fatty acid synthesis, metabolic network reconstruction,
including overexpression of genes, will be performed to
improve the precursor supply of fatty acid biosynthesis,
reduce the consumption of fatty acid in natural pathway
of robust yeast, and promote the excessive synthesis of
fatty acid through: (i) increasing the synthesis of acetyl-
CoA,; (ii) deleting the genes responsible for fatty acid acti-
vation and peroxisome transport via gene knockout; and
(iii) overexpression of target genes to increase fatty acid
production.

Conclusion and perspectives
Innovation points and future technology development

I. This review proposed a novel concept in utiliza-
tion oleaginous yeasts as the cell factory to convert
aromatic wastes to lipid, indicating a completely
new type of feedstock potentially valuable for com-
mercial biodiesel product using the robust yeasts
explored in the gut of wood-feeding termites.

II. This review also proposed a novel strategy for
rebuilding the metabolic pathway of oleaginous
yeasts in converting aromatic wastes to lipids, with
the goals of (1) analyzing the genome characteris-
tics of the targeted yeast; (2) developing a new base
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mutation gene editing technology; and (3) clarify-
ing the impact of the insertion position of aromatic
compounds and other biosynthetic pathways in the
industrial chassis genome on the expression level
and genome stability.

III. This review has uniquely designed a new strategy
to adopt advanced "multi-omics" technology for a
better understanding of the metabolic regulation
mechanism of those targeted yeasts regarding its
regulation processing in depolymerizing lignin
and other aromatic textile dyes, where it will fur-
ther allow us to easily identify a variety of involved
enzyme functions, and further realize the recon-
struction of the metabolic network of the targeted
compounds, and eventually improve the ability of
oil synthesis and transformation.

IV. This review developed and evaluated a new set of
standards and approaches for screening and evalu-
ating robust oleaginous yeasts, as well as the quality
of terminal biodiesel product converted from aro-
matic wastes.

Values in science and industry

Aromatics, which include lignin biomass and azo dye
wastewater, are the most abundant renewable aro-
matic resources in nature, but they are also a source of
organic pollutants. Three major issues for Egypt/China
are how to adequately utilize such abundant aromatics
and environmental pollutants to obtain a satisfying pro-
duction capacity, how to reasonably use such biodiesel
in each region, and how to scientifically encourage the
development of Egyptian/Chinese biodiesel industries.
Meyerozyma caribbica, Yarrowia lipolytica, and other oil-
producing yeast strains we have isolated from termite gut
symbionts, in recent, has received a lot of our attention
due to its ability to accumulate high lipid content using a
variety of substrates. Therefore, developing a novel bio-
conversion pathway from lignin and environmental pol-
lutants to biodiesel using robust aromatics-degrading
oleaginous yeasts as a cell factory is a promising explora-
tion in terms of its scientific and industrial values.
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