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Abstract
Background: Bacterial lignin degradation is believed to be primarily achieved by a secreted enzyme system. Effects
of such extracellular enzyme systems on lignin structural changes and degradation pathways are still not clearly
understood, which remains as a bottleneck in the bacterial lignin bioconversion process.
Results: This study investigated lignin degradation using an isolated secretome secreted by Pseudomonas putida
KT2440 that grew on glucose as the only carbon source. Enzyme assays revealed that the secretome harbored oxidase and peroxidase/Mn2+-peroxidase capacity and reached the highest activity at 120 h of the fermentation time.
The degradation rate of alkali lignin was found to be only 8.1% by oxidases, but increased to 14.5% with the activation
of peroxidase/Mn2+-peroxidase. Gas chromatography–mass spectrometry (GC–MS) and two-dimensional 1H–13C
heteronuclear single-quantum coherence (HSQC) NMR analysis revealed that the oxidases exhibited strong C–C bond
(β-β, β-5, and β-1) cleavage. The activation of peroxidases enhanced lignin degradation by stimulating C–O bond
(β-O-4) cleavage, resulting in increased yields of aromatic monomers and dimers. Further mass spectrometry-based
quantitative proteomics measurements comprehensively identified different groups of enzymes particularly oxidoreductases in P. putida secretome, including reductases, peroxidases, monooxygenases, dioxygenases, oxidases, and
dehydrogenases, potentially contributed to the lignin degradation process.
Conclusions: Overall, we discovered that bacterial extracellular degradation of alkali lignin to vanillin, vanillic acid,
and other lignin-derived aromatics involved a series of oxidative cleavage, catalyzed by active DyP-type peroxidase,
multicopper oxidase, and other accessory enzymes. These results will guide further metabolic engineering design to
improve the efficiency of lignin bioconversion.
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Graphical Abstract

Background
The current vision of biorefinery undervalues lignin’s
potential to address this nation’s high demands on quality liquid fuel, chemicals and biomaterials [1–8]. Lignin
is an abundant natural component from plant biomass,
but remains challenging in bioconversion process due
to its recalcitrant polymeric structure [9, 10], while the
highly heterogeneous linkages among its aromatic centers, including a variety of C–O–C bonds (β-O-4/4′, αO-4/4′, α/γ-O-γ, 4-O-5/5′, etc.) and C–C bonds (5–5/5′,
β-β, β-1, β-5, etc.) [1–3]. To improve the bioconversion
of lignocellulosic feedstocks, more effective lignin degradation methods are in demand. Approaches published
for lignin degradation and conversion include chemical
degradation and enzymatic lignin breakdown [4, 11–22].
Compared to the chemical and thermal degradation,
enzymatic lignin breakdown is low cost and environmentally friendly [4, 5, 23]. Nature has found ways to degrade
lignin by producing dedicated ligninolytic enzyme systems [24, 25]. While such enzymes have been thoroughly
studied for ligninolytic fungi [26–28], reports on bacterial enzymes capable of lignin modification have been
relatively new in recent years [13, 27, 29, 30]. Several
types of oxidoreductases that enable bacteria to act on
lignin have been revealed [12, 31–34].

As a lignin-degrading bacteria, Pseudomonas putida
KT2440 has catabolic potential against a wide range
of natural aromatic compounds. Linger et al. demonstrated the lignin breakdown products bioconversion
capacity in P. putida KT2440 [35]. The presence of P.
putida KT2440 with fungal secretome enhanced lignin
degradation possible due to the catabolism of lowmolecular-weight lignin and partially prevent of repolymerization [36]. Continuous oxidative enzymes that
might be involved in lignin break down processes are
identified consistently in P. putida. Screening studies reported P. putida KT2440 secreted ligninolytic
enzymes such as laccase, 
Mn2+-independent peroxi2+
dase (e.g., DyP), and Mn -oxidizing peroxidase (e.g.,
MnP and DyP) [17]. Multicopper oxidase (CopA) from
P. putida KT2440 was characterized afterward with the
lignin model compounds oxidizing ability [37].Furthermore, β-etherase (glutathione S-transferases, GSTs)
and dioxygenases (e.g., 2,3-quercetin dioxygenase) were
upregulated in the secretome of P. putida when exposed
to lignin. Moreover, multicopper oxidase such as CopA
was also detected in the secretome when P. putida grew
on lignin-free media (glucose), suggesting the possibility of other carbon sources (e.g., glucose) could
also induce oxidoreductases that might be involved in
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lignin catabolism process. In addition, spatiotemporal
mechanisms for lignin catabolism in P. putida KT2440
have revealed that outer membrane vesicle (OMVs)
would encapsulate enzymes involved in the catabolism
of lignin-derived aromatic structures [33]. However,
the oxidative lignin degradation enzymes in P. putida
KT2440 are under-identified, which requires more
efforts to explore potential enzymes.
Understanding the extracellular degradation pathways and
lignin structural changes by Pseudomonas putida KT2440 is
critical for developing processes for efficient lignin bioconversion. Lignin structural changes have been investigated
in the presence of P. putida. For example, 13P NMR results
revealed the β-5 phenolic group from lignin significantly
decreased when Dyp was overexpressed in P. putida [38].
2D NMR results revealed ferulic acid and p-coumaric acid
signals from lignin disappeared at 72 h of fermentation in P.
putida KT2440 [33]. Although bacterial lignin conversion
examples are accumulating, most of the studies fermented
the wild-type or mutated P. putida together with lignin
which overlapped the function of secreted enzyme system
with the strain. The specific function of extracellular enzyme
systems on lignin structural change and degradation pathway is still unknown in P. putida compared to fungi cocktails
[33, 36, 39].
In this study, we tracked the activity of oxidases and
peroxidase/Mn2+-peroxidase in the secretome of Pseudomonas putida KT2440 that grew on glucose as the only
carbon source. The active secretome was isolated to react
with alkali lignin in order to measure the lignin degradation rate with or without the addition of H2O2 and Mn2+.
The degraded lignin products and structural change were
analyzed by GC–MS and NMR to investigate the possible
reaction mechanisms of lignin degradation by secretome
in P. putida KT2440. In addition, global proteomics
analysis was carried out for secretome and intracellular
proteome to identify potential enzymes involved in the
lignin degradation process (Additional file 1: Fig. S1).

Results
Cell growth and concentration of extracellular
and intracellular protein

To generate an effective secretome with active extracellular enzymes in Pseudomonas putida, P. putida cells
were first grown on M9 medium with 5 g·L−1 glucose and
1 g·L−1 NH4Cl for 8 days. The optical density (OD600)
and extracellular and total protein (intracellular + extracellular) concentrations were measured.
Figure 1 depicts the cell density (OD600), and extracellular and total protein concentrations over time. As
shown in Fig. 1a, with 5 g·L−1 glucose, cells grew fast
for the first 72 h of fermentation, and the optical density
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reached 2.1 and maintained a similar level until the end
of the fermentation.
A distinct pattern was revealed for protein concentration. As shown in Fig. 1b (blue line), the extracellular
protein concentration reached 1.1 mg·mL−1 at 24 h and
dropped to 0.6 mg·mL−1 at 48 h, then gradually increased to
0.9 mg·mL−1 at 144 h and further decreased to 0.4 mg·mL−1
at the end of fermentation. The same trend was also
observed for total protein concentration (red line). The total
protein concentration reached 1.2 mg·mL−1 at 24 h and
dropped to 0.7 mg·mL−1 at 48 h, then gradually increased to
1.0 mg·mL−1 at 144 h and further decreased to 0.7 mg·mL−1
at the end of fermentation. The total protein concentrations
were higher than the extracellular protein, including the
lysate intracellular protein. These results indicated that the
P. putida cells secreted protein to extracellular space and
the extracellular protein concentration fluctuated over time.
However, further enzyme activity assays are still required to
examine whether these proteins are secreted as active form
or not.
Extracellular vs. intracellular enzyme activity

P. putida cells secreted proteins to extracellular space
when grown on glucose. However, whether the secretome
harbors active ligninolytic enzymes still requires specific
investigation. The phenolic substrate 2,6-dimethoxyphenol (DMP) is usually used to track laccase-like oxidases
and peroxidase activities [17]. Therefore, oxidases, peroxidases, and Mn2+-oxidizing peroxidases were tracked
in the culture supernatants and intracellular over 8-day
incubations. In Fig. 1c, extracellular oxidase activity was
detected at a low level at 24 h, and gradually increased
to 0.25 U/L at 120 h. In Fig. 1d, the profiles for intracellular enzymes are similar to extracellular enzymes. The
oxidase activity was maintained at a low level at 24 h and
then gradually increased to 0.12 U/L at 120 h.
The peroxidase activity (e.g., Dyp) was also measured with
DMP and H
 2O2 addition [17]. In Fig. 1c, extracellular peroxidase activity was detected at a low level at 24 h and gradually
increased to 1.8 U/L at 120 h. In Fig. 1d, the profiles for intracellular enzymes are similar to extracellular enzymes. The
peroxidase activity was maintained at a low level at 24 h and
then gradually increased to 1.6 U/L at 120 h.
DMP was also used to measure the reaction’s
Mn2+-peroxidase activity with 
H2O2 and M
 n2+ [17]. In
Fig. 1c, extracellular peroxidase activity was detected at a
low level at 24 h, and gradually increased to 2.5 U/L at 120 h.
In Fig. 1d, the profiles for intracellular enzymes are similar to extracellular enzymes. The M
 n2+-peroxidase activity was maintained at a low level at 24 h and then gradually
increased to 1.7 U/L at 120 h.
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Fig. 1 Cell growth (a) and concentrations of extracellular and total protein (intracellular + extracellular protein) (b). Profiles of extracellular (c) and
intracellular (d) ligninolytic enzymes in P. putida over time

Collectively, the results in Fig. 1c demonstrate that P.
putida secreted the enzyme to the extracellular space,
and the maximum enzyme activity appeared at 120 h of
fermentation. The intracellular enzyme activity showed a
similar pattern as extracellular in Fig. 1d, with the maximum enzyme activity at 120 h. Therefore, the extracellular enzyme at 120 h of fermentation was selected for the
following lignin degradation reaction.
Amount of alkali lignin degraded

The lignin degradation reaction solution was set up
with secretome and 2 g·L−1 alkali lignin with or without
0.1 mM H2O2 and 0.1 mM Mn2+ addition and reacted for
5 days. Apart from the secretome alone treatment, H
 2O2
and/or Mn2+ were added separately to activate the capacity of peroxidase and Mn2+-peroxidase performance on
lignin degradation. In Fig. 2, when individual secretome
was used for lignin degradation reaction, the amount of

alkali lignin degraded only reached 8.1%, which was substantially lower than that for either H
 2O2 or H2O2 with
Mn2+ addition. When H
 2O2 was added to the reaction,
the amount of alkali lignin degraded reached 13.5%. With
the presence of both H2O2 and Mn2+, the alkali lignin
degradation rate reached a maximum value of 14.5%. On
the other side, the effectiveness of H2O2 alone has also
been tested for comparison, with the alkali lignin degradation rate as of 7.8% only.
GC–MS analysis of lignin breakdown products

GC–MS analysis was performed to identify the lignin
breakdown products with secretome and the addition of
H2O2 and Mn2+. The NIST library was used to identify
and assign the chromatographic peaks. The amount of
each aromatic degradation product was determined from
the corresponding peak area in the chromatogram.
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Fig. 2 Degradation rate of alkali lignin by secretome alone and in the presence of H
 2O2 and Mn2+. The degradation rates were measured by 120 h
of treatment (n = 3)

The GC–MS chromatogram identified aromatic compounds, furan, aldehydes, esters, organic acids, and
alkanes among different samples (Additional file 2: Figs.
S2–S4, and Table S1, S2). These identifications should
be interpreted as unvalidated candidates; some may be
incompatible with known or plausible lignin degradation
mechanisms.
Peak area for all observed compounds was analyzed
and shown in Additional file 1: Fig. S4, which were further separated as four groups after being compared
with their alternatives in lignin control (Additional
file 1: Table S2). Notably, when lignin was treated with
H2O2, a wide range of aromatic monomers and dimers
(No. 1, 4, 5, 6, 12, 14, 16–18, 20–21) were significantly
increased. These compounds were only present in limited amounts or even not detected when treated with
secretome alone or in the presence of H
 2O2 and Mn2+,
suggesting the non-specific oxidative cleavage (e.g.,
H2O2) showed stronger products release ability compared to enzymatic cleavage. Moreover, the peak area
of identified compounds among all the secretome treatments showed a similar distribution pattern (compounds No. 3, 7, 8, 9, 10, 13, 14, 25, 30, 31, 33) but with
difference abundance, suggesting the increased compounds might be associated with different activated
enzymes. For example, phenol, 2-methoxy-4-propyland 3-benzofurancarboxylic acid, 2,3-dihydro-2-methoxy-, methyl ester, trans- (compounds 8 and 13) were
increased in secretome alone treatment and maintained

the similar level or decreased by H
 2O2 and M
 n2+ addition, indicating these products might be associated with
oxidases behavior. Similarly, the peak area of phenol,
4-ethyl-2-methoxy- and acetovanillone (compounds 3
and 9) were enhanced by H2O2, and vanillic acid (compound 11) was enhanced by Mn2+ addition, suggesting
these compounds might be associated with peroxidase
behavior. How lignin structural changes were impacted
by these treatments was further explored by NMR
analysis.
2D HSQC NMR spectra from the hydrolyzed lignin

The cleavage of lignin C–O–C linkages is vital in the bacterial lignin degradation process. The quantification of
each linkage is based on the volume integration of crosspeak contours in the HSQC spectra. In this study, lignin
linkages such as β-O-4, β-β, β-5, and β-1 were cleaved
with H2O2 or secretome treatments (Fig. 3a–j, Table 1
and Additional file 1: Fig. S5, Table S3). As shown in
Table 1, in general, the cleavage of β-5 was less extensive
than the cleavages of β-O-4, β-β, and β-1, which indicated that β-5 bonds were relatively more stable. The
cleavage of these linkages was increased when lignin was
treated with H2O2. Among all the detected linkages, βO-4 bonds exhibited the most extensive cleavage, demonstrating the non-enzymatic chemical reaction with
H2O2 mainly cleavage β-O-4 bonds. In contrast, when
lignin was treated with secretome alone, β-O-4 bonds
only exhibited limited cleavage compared to that with
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Fig. 3. 2D 1H–13C HSQC NMR spectra of lignin with different treatments at 120 h. a–e Oxygenated aliphatic region; f–j aromatic region; a and f
lignin control; b and g lignin with H
 2O2; c and h lignin with secretome; d and i lignin with secretome and H2O2; e and j lignin with secretome and
H2O2 and Mn2+. Note: the assignments and NMR-detected lignin linkages are shown in Additional file 1: Table S3 and Fig. S5

Table 1 Distribution of the detected linkages of corn stover lignin in different treatmentsa
Inter linkages (%)

β aryl ether (β-O-4’)

Resinol (β-β’)

Phenylcoumaran (β-5’)

Spirodienone
(β-1)

Corn stover lignin control

38.6

3.53

6.81

1.72

Lignin + H2O2

35.7

3.13

6.56

1.37

37.2

3.16

5.86

1.25

34.2

2.25

5.84

0.97

33.2

1.83

5.70

0.67

Lignin + secretome

Lignin + secretome + H2O2

2+

Lignin + secretome + H2O2 + Mn
a

Contents were expressed as a percentage relative to the total lignin subunits (G + H + S)

H2O2. While the cleavage of β-β, β-5, and β-1 showed
increased cleavage compared to that with H2O2, suggesting the secretome alone may only exhibit oxidase ability and cleavage the C–C bond. When introducing the
H2O2 with the secretome, β-O-4 bonds were extensively
decreased, β-β and β-1 were further decreased compared to secretome alone. Hydrogen peroxide activates
the peroxidase and further cleavages the β-O-4 bonds. In
addition, the presence of M
 n2+ further enhanced the peroxidase performance and resulted in further enhanced βO-4, β-β and β-1 bonds cleavage.

Secretome and cellular proteome profiles in P. putida

GC–MS and NMR results demonstrated that P. putida
secretome is able to depolymerize lignin. Enzyme assay
revealed that the secretome exhibited the oxidase and
peroxidase activity. However, isoenzymes with similar activities cannot be distinguished based on simple
activity analysis. To deeply characterize the secretome,
mass spectrometry-based global proteomics was utilized to profile the proteome of secretome and intracellular extracts in P. putida KT2440. Bacterial secretome
and cell pellet were harvested at 120 h of fermentation
with the highest oxidase and peroxidase activity. Only
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Fig. 4 Proteomic analysis of the intracellular and secretome in P. putida KT2440. a Overlap analysis for intracellular and secretome proteins in P.
putida KT2440. b Functional classification of the proteins detected in the P. putida secretome. Classification of the oxidoreductases in the secretome
is highlighted in a separate pie chart

those proteins presented in more than three replicates
were considered as reliable detection and quantitation.
Results showed that 1312 proteins were identified in
the secretome sample, which was lower than that in the
intracellular extracts for 2388 identified proteins. Around
94.8% of the secretome proteins were shared with the
intracellular protein, and only 68 proteins were exclusively detected in the secretome (Fig. 4a).
Secretome proteins were then organized by function and presented in Fig. 4b. Despite the other
function and unknown function groups, the oxidoreductase group was the most abundant among the rest

of the functional groups, which accounted for 14.1%
in secretome proteome. Moreover, six glutathione
S-transferases were detected and grouped in the transferase group. A deeper analysis of oxidoreductase is
presented in Fig. 4b as well. The dehydrogenase group
was the most abundant (42.2%), followed by reductase
(17.3%), peroxidase (7.6%), oxidase (6.5%), monooxygenase (4.9%), and dioxygenase (2.2%). Notably, there are
14 peroxidases detected, such as Dyp-type peroxidase
(PP_3248), cytochrome c551 peroxidase (PP_2943), and
alkyl hydroperoxide reductase (e.g., ahpC). Besides, 12
oxidases were detected, including three multicopper
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oxidases (copA/B and CumA). Besides, a couple of
dehydrogenases were detected in the secretome,
including NAD(P)H dehydrogenase (e.g., PP_1644),
choline dehydrogenase (e.g., betA), aldehyde dehydrogenase (e.g., aldB-I), and alcohol dehydrogenase(e.g.,
PP_2827). In addition, some hydrogen peroxide alleviating enzymes were also detected, such as catalase (e.g.,
katG), superoxide dismutase (sodB), and thioredoxin
(e.g., trx). Overall, proteomics analysis revealed the oxidoreductase enzymes in the secretome, which not only
confirmed the enzyme assay results, but also revealed
the specific ability to selectively depolymerize lignin.
Lignin degradation pathways of P. putida secretome

Based on the enzyme activity analysis, GC–MS, NMR,
proteomics results, the proposed lignin degradation reaction pathways are shown in Fig. 5 [21, 27, 37, 40–46]. The
enzymes identified that might be involved in the lignin
catabolism pathway are summarized in Additional file 2:
Table S4. Overall, the proposed lignin degradation pathways include cleavage of β-aryl ether (β-O-4), resinol
(β-β), phenylcoumaran (β-5), and spirodienone (β-1)
linkages. Figure 5 demonstrates that vanillin (compound
7) and vanillic acid (compound 11) are the most important intermediates for all these linkages.
Limited β-O-4 bond cleavage (Table 1) was observed
when lignin was treated with secretome alone, possibly
catalyzed by the NAD(P)H dehydrogenases (similar to
LigD/N/L in Sphingobium sp. SYK-6) [44] and multicopper oxidase (e.g., CopA) in the enzyme system through αOH oxidation and Cα-Cβ cleavage forming vanillic acid
(compound 11). Besides, proteomics results also revealed
that glutathione S-transferases (GST), glutathione reductases (gor), and choline dehydrogenase (betA) were presented in the secretome, which functioned as LigE/F,
LigG, and HpvZ in Sphingobium sp. SYK-6 [42, 44, 47].
Thus, in parallel to the multicopper oxidase route, oxidized β-O-4 linkage could also be converted to vanillic
acid with the assist from GST, betA, and gor. In addition,
NMR results revealed that the presence of H
 2O2 with
secretome and lignin enhanced the β-O-4 cleavage and
GC–MS demonstrated the peak abundance of vanillic
acid (compound 11) increased with the H2O2 and Mn2+
addition. Proteomics results detected the Dyp-type peroxidase (PP_3248) in the secretome. Therefore, the β-O-4
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linkage was degraded by Dyp-type peroxidase, forming
vanillic acid as the degradation product (Fig. 5).
NMR results revealed the presence of secretome alone
with lignin degraded the resinol linkage (β-β). Based on
the homologous alignment of the amino acid sequence
in NCBI database (blastp), FAD-binding oxidoreductase
(PP_5154) exhibited the 62.8% similarity to pinoresinol
α-hydroxylase in Pseudomonas sp. SG-MS2 [48]. Therefore, resinol linkage might be converted to vanillin and
vanillic acid by FAD-binding oxidoreductase (Fig. 5).
Besides, the addition of H2O2 stimulated the resinol linkage cleavage, suggesting the peroxidase might be involved
in β-β bond degradation. Therefore, peroxidase might be
involved in the resinol linkage cleavage and forming vanillic acid as the intermediate (Fig. 5).
NMR results revealed the presence of secretome alone
with lignin degraded the phenylcoumaran linkage (β-5).
Notably, choline dehydrogenase (betA) exhibited 40% of
similarity to phcC/D in Sphingobium sp. SYK-6 based on
blastp analysis in NCBI for P. putida KT2440 [44, 49, 50].
Proteomics results demonstrated the aldehyde dehydrogenase (aldA/aldB-I) presented in P. putida secretome
(Additional file 2: Table S4). However, lignostilbene α,βdioxygenase (lsdD) in Sphingobium sp. SYK-6 did not
exhibit the homology protein in P. putida after the blast
analysis. There might be other degradation mechanisms
in P. putida KT2440 for stilbene structure which require
future investigation. Therefore, β-5 linkage degradation
pathway of P. putida KT2440 is only partially consistent with the route of Sphingobium sp. SYK-6 (Fig. 5) [44,
49, 50]. In addition, the presence of H
 2O2 only slightly
increased the β-5 linkage compared to secretome alone,
suggesting the peroxidase might not involve in β-5
cleavage.
NMR results demonstrated the secretome alone contributed to spirodienone linkage cleavage, suggesting the
β-1 bond cleavage capacity in the secretome. NCBI blast
revealed there was no homologous protein for lsdE and
lsdA in P. putida KT2440 [41].Therefore, there might be
other mechanisms for β-1 linkage in P. putida. Besides,
the presence of H2O2 stimulating the β-1 cleavage, and
Mn2+ addition further enhanced β-1 cleavage, suggesting the peroxidase might be involved in β-1 cleavage as
well. Therefore, the β-1 linkage degradation pathway for
P. putida KT2440 is presented in Fig. 5.

(See figure on next page.)
Fig. 5 Proposed lignin degradation pathways with P. putida secretome. The lignin linkages, final degradation products and enzymes in the pathway
map are identified by NMR, GC–MS and proteomics analysis in this study, and the reaction mechanisms are cross-validated by previous literature
[27, 37, 40–42, 44, 48, 57, 69]. Abbreviations of enzyme: Dyp, Dyp-type peroxidase (PP_3248); CopA, multicopper oxidase (copA-II); GST, glutathione
S-transferase (PP_1644); gor, glutathione reductase; betA, choline dehydrogenase; PP_5154, FAD-binding oxidoreductase; aldA/aldB-I, aldehyde
dehydrogenase. Detailed enzyme information can be found in Additional file 2: Table S4
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Discussion
Overall, the extracellular lignin degradation mechanism
has been revealed by P. putida KT2440 via secretomic
analysis. The enzymatic assay demonstrated that the
secretome contains active oxidase and peroxidase. The
following lignin degradation rate analysis proved that the
secretome could degrade 8.6% of the lignin, and the addition of H2O2 and Mn2+ would increase the lignin degradation rate to 14.5%. C–C bond cleavage was observed
by 2D NMR in secretome alone treatment, and β-O-4
bond and C–C bond (β-β and β-1) cleavage were elevated when H2O2 was introduced to secretome due to
the activated peroxidase system. Further Mn2+ addition
enhanced β-O-4 and C–C bond (β-β and β-1) cleavage.
GC–MS results reinforced the NMR results by demonstrating elevated peak areas of aromatic monomers, such
as vanillin and vanillic acid were correlated with C–C and
C–O bonds cleavage. Proteomics results revealed the different groups of oxidoreductases involved in lignin degradation, and the degradation pathways were proposed.
The bacterial lignin degradation process requires
extensive reducing power and energy to cope with the
polymeric structure and corresponding oxidative stress
during aromatic compound catabolism [34]. Therefore, many studies chose to co-fermentation lignin with
nutrient-rich substrates like glucose [17, 33, 35, 51]. Our
results demonstrated that the secretome harbored active
oxidase, suggesting the presence of multicopper oxidase in secretome generated from P. putida grown on
glucose. Moreover, active peroxidase was also observed
in secretome, suggesting that besides Dyp-type peroxidase, other potential peroxidases are also involved in
lignin catabolism. Proteomics analysis revealed that the
secretome contained multicopper oxidase (CopA) and
Dyp-type peroxidase (PP_3248) and presented abundant
oxidoreductase enzymes. Therefore, our results demonstrated that P. putida also secreted active ligninolytic
enzymes into extracellular space when grown on nutrient-rich media (e.g., glucose).
Our results showed that secretome alone exhibited
limited lignin degradation capacity, which was lower than
in the P. putida KT2440 strain. Moreover, our results further demonstrated that the addition of H
 2O2 and M
 n2+
can activate peroxidases and increase lignin degradation, suggesting that the synergistic effect between bacteria and the enzyme system could be enhanced through
chemical addition on lignin degradation. H
 2O2 is the
oxidant and electron acceptor for bacterial peroxidase
during the enzymatic reaction. Purified dye-decoloring
peroxidase from Rhodococcus and Pseudomonas (e.g.,
Rh_Dyp, and PpDyp) revealed that the addition of Mn2+
in the presence of H2O2 further enhanced the enzyme
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activity [31, 52–54]. These results point to an alternative
way to enhance the bacterial lignin bioconversion efficiency by introducing H
 2O2 and M
 n2+ to work together
with the enzyme system and bacteria cells.
NMR results showed secretome alone presented extensive C–C bond cleavage and limited C–O bond cleavage,
suggesting the function of oxidases in the secretome.
Bacteria oxidases (e.g., multicopper oxidase) are laccaselike oxidase and exhibit the C–C bond cleavage. Our
results demonstrated that vanillic acid (compound 11)
peak area was presented in secretome + lignin treatments
(Additional file 1: Fig. S4), suggesting the involvement of
multicopper oxidases in lignin degradation through Cα–
Cβ cleavage [40].
The addition of H2O2 with secretome elevated the βO-4 bond cleavage of lignin which might be attributed
to the activation of dye-decoloring peroxidase (Dyp)
(Table 1). Our results identified the syringaldehyde like
compounds such as phenol, 2,6-dimethoxy-4-(2-propenyl)- (compound 14) and ethanone, 1-(4-hydroxy3,5-dimethoxyphenyl)- (compound 16), which were
presented limited amount in secretome treatments but
elevated when lignin was treated with H2O2. Besides,
our results showed the phenolic products (compounds
3 and 9) were elevated when H2O2 was presented with
secretome, suggesting the possible non-enzymatic cleavage for the phenolic type of β-O-4 bond [54].
NMR results also revealed secretome alone presented
a series of C–C bond cleavages including β-β, β-5, and
β-1 (Table 1 and Fig. 5). Our results revealed the β-β linkage was initially catalyzed via α-hydroxylation by vanillyl alcohol oxidase/p-cresol methyl hydroxylase (VAO/
PCMH) like enzyme (PP_5154), forming vanillin and
vanillic acid as the intermediate compounds during the
degradation process [48, 55]. Our results showed β-5
linkage was cleavage by choline dehydrogenase (betA)
and aldehyde dehydrogenase (aldA/aldB-I) which was
partially consistent with literature [56]. In addition, no
homologous proteins for lsdE and lsdA were found in
P. putida KT2440 showed there might be a different
β-1 linkage breakdown mechanism compared to Gramnegative bacteria Novosphingobium aromaticivorans
DSM12444 [41].
Apart from the compounds that were confirmed by
previous literature, we also identified some aromatic
dimer compounds in different treatments. For example, [1,1’-biphenyl]-3,3’-dicarboxaldehyde, 6,6’-dihydroxy-5,5’-dimethoxy- (compound 30) which might be
correlated with 5–5’ linkage cleavage and 3-(4-acetoxy3-methoxyphenyl)-7-methoxy-4-oxo-4H-chromene
(compound 26) might be related to tricin cleavage. However, more compounds were not correlated with specific
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reaction mechanisms that showed more reactions in
the lignin degradation process. Our results also demonstrated inconsistency in secretome treatments with
a lower aromatic compound release but larger linkage
cleavage than H
 2O2 treatment, implying the low aromatic
compounds released might be another bottleneck in the
bacterial lignin degradation process. Future studies can
focus on engineering oxidative degradation enzymes
towards a higher aromatic compounds release.
Proteomics-guided systems-biology approaches have
been proven to discover potential pathways involved in
lignin catabolism effectively [57]. Previously Dyp only
reportedly appeared overexpressed in exoproteome of
P. putida from the lignin-rich media [33]. However, our
secretomic analysis revealed that Dyp, SOD, CopA, and
other accessory enzymes such as catalase, dehydrogenases, reductases, dioxygenases, and oxidases all existed
in the secretome from glucose which was different from
the previously reported lignin inducing hypothesis.
Overall, the extracellular lignin degradation pathways
by P. putida are not well understood, primarily due to
their broad prospects under varied environmental conditions [21, 27, 37, 40–46]. This distinctive study provided
detailed information on lignin degradation products
and oxidoreductase enzymes, resulting in new insights
into the lignin depolymerization pathways in P. putida
KT2440 for future metabolic engineering design to
improve lignin bioconversion efficiency.

Conclusions
In summary, based on enzyme assay, GC–MS, NMR, and
proteomics analysis, the extracellular lignin degradation
mechanisms of the secretome from P. putida KT2440
were elucidated as follows: (1) oxidase (e.g., multicopper
oxidase, CopA) exhibited limited β-Ο-4 bond cleavage
capacity; (2) peroxidase (e.g., dye-decoloring peroxidase,
DyP) was activated by H
 2O2 and enhanced by M
 n2+ addition, stimulating the β-Ο-4, β-β, and β-1 bond cleavage;
(3) degradation reaction mechanisms involved in Cα–Cβ
cleavage, Cα-oxidation, Cα-hydroxylation, followed by
aromatic intermediates release (e.g., vanillin and vanillic
acid); (4) abundant oxidoreductase enzymes in P. putida
secretome participated in lignin degradation. To be specific, Dyp-type peroxidase, multicopper oxidase, NAD(P)
H dehydrogenase, glutathione reductase, glutathione
S-transferase, and choline dehydrogenase participated in
β-Ο-4 bond cleavage. Results showed that FAD-binding
oxidoreductase involved in β-β bond cleavage, choline
dehydrogenase and aldehyde dehydrogenase involved in
β-5 bond cleavage, and peroxidases involved in β-β and
β-1 bond cleavage. Overall, our study provides a comprehensive understanding and list of functional enzymes of
the extracellular lignin degradation pathway in P. putida
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KT2440 in order to build a roadmap for future metabolic
engineering design to improve the efficiency of lignin
bioconversion. Further research can be carried out to
overexpress identified functional proteins for specific
lignin degradation mechanism studies.

Methods
Microorganism and medium

Pseudomonas putida KT2440 was purchased from American Type Culture Collection (ATCC 47054) and stored
in 25% glycerol at − 80 °C. All the chemical reagents were
purchased from Sigma Aldrich and Fisher Scientific with
ACS grade (99% purity). The composition of M9 mineral
medium was as follows: 6 g·L−1 Na2HPO4, 5 g·L−1 glucose, 3 g·L−1 KH2PO4, 1 g·L−1 NH4Cl, 0.5 g·L−1 NaCl,
0.12 g·L−1 MgSO4 and 1 mL·L−1 1000-fold trace element
mix solution to make the final concentrations as follows: 3 μM (NH4)6Mo7O24·4H2O, 0.4 mM H3BO3, 30 μM
CoCl2·6H2O, 10 μM C
 uSO4·5H2O, 80 μM M
 nCl2·4H2O,
10 μM ZnSO4·7H2O, 1 μM FeSO4·7H2O [38, 58, 59].
Protein concentration measurement

1 mL of fermentation broth was taken from each M9
medium culture every 24 h of fermentation with two replicates. The supernatant was separated by centrifuge at
8014 g (8000 rpm) for 5 min. Parallelly, another 1 mL cell
culture was taken from each M9 medium for total protein measurement. Cell cultures were frozen at -80 °C for
15 min at first. The cell suspension was taken into a water
bath (42 °C) for 5 min and repeated the freeze–thaw cycle
three times. The supernatant and total protein concentrations were estimated by the Pierce™ BCA protein assay
kit (Thermo Scientific, San Jose, CA).
Ligninolytic activity assays for intracellular and secretome

A 1 mL cell culture was taken from each M9 medium
culture at different fermentation times and stored in a
1.5-mL centrifuge tube for total enzyme activity assay
measurement (intracellular + secretome) with two replicates. Cell cultures were frozen under -80 °C for 15 min
at first. The cell suspension was taken into a water bath
(42 °C) for 5 min and repeated the freeze–thaw cycle
three times. Another 1 mL cell culture was also taken
from each M9 medium culture and centrifuged at
8000 rpm for 5 min. Then, the supernatant was transferred to a new 1.5-mL centrifuge tube for secretome
enzyme activity assay measurement. Laccase and peroxidase activity were examined daily in the culture supernatants by the oxidation of 5 mM DMP (synonym syringol)
to dimeric cerulignone (ε469 = 55 000 M−1 cm−1) in
0.1 mM sodium malonate buffer at pH 7. For peroxidase activity assays, 0.1 mM H2O2 was also added to
initiate the reaction. In addition, the latter assays were
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performed in the absence and the presence of 
Mn2+
(0.1 mM MnSO4). Absorbance from peroxidase activity
was corrected with that caused by laccase activity. Measurements were carried out at room temperature. One
unit (1 U) of activity is defined as the amount of enzyme
releasing 1 μmol of product per minute under the defined
reaction conditions [17].

acid-insoluble lignin from secretome treatments was corrected with the acid-precipitated and weighed secretome
control to remove the protein amount. The lignin degradation rate was indicated as the difference between the
remaining lignin after different treatments and control,
followed by dividing the control [17].

Secretome harvest

The lignin degradation products in the reaction solution
were determined by gas chromatography–mass spectroscopy (GC–MS). Every treatment was a set of three
replicates. 15 mL of ethyl acetate was added to 15 mL
solutions from the different samples in a 50-mL centrifuge tube and was vortexed for 5 min at room temperature. The top ethyl acetate layer was then transferred
to a glass tube. The remained reaction solution was
extracted again with 15 mL ethyl acetate and the two
extracts were merged. The glass tubes were left in the
fume hood for 7 days to let the ethyl acetate evaporate
naturally to around 2 mL. The ethyl acetate was concentrated to around 1 mL by passing nitrogen for 20 min and
then filtered with 0.45 μm PTFE membrane into the GC
vials [63]. The organic solvent-extracted samples (1 μL)
were injected into a stream of He (carrier gas) flowing at
1.2 mL·min−1 into a DB5 (30 m × 0.250 μm × 0.25 μm)
capillary column fitted in an Agilent Technologies 7890A
GC system set in the splitless mode. The GC oven was
programmed to reach 45 °C and maintained this temperature for 2 min; then ramp up at the rate of 15 °C
min−1 until the temperature reached 200 °C, and held at
this temperature for 1 min, after which the temperature
was increased at a rate of 5 °C m
 in−1 until the temperature reached 280 °C. At this temperature, it was held for
7 min. Eluting compounds were detected with an MS
(Agilent Technologies 5975C) inert XL EI/CI MSD with
a triple-axis detector and compared using NIST libraries
[64].

P. putida strains were fed in 100 mL M9 medium in a
250-mL flask with 5 g·L−1 glucose and 1 g·L−1 NH4Cl for
5 days. The fermentation broth was transferred to a couple of 50 mL centrifuge tubes. The supernatant and cells
were separated by centrifugation at 8014 g (8000 rpm)
for 5 min. The supernatant was transferred to a new precooled flask (1 L) in ice batch. The supernatant was centrifuged again at 8014 g (8000 rpm) for 5 min and then
passed through 0.22 μm sterilized filter (Millipore® Stericup® filtration system) to a new flask (1 L) for further
degradation experiment. Ligninolytic enzyme activities
and protein concentration were measured prior to the
lignin degradation reaction.
Lignin degradation reaction with secretome

Corn stover alkali lignin was purified following a published methodology (more details about the alkali lignin
purifying process, composition and structural analysis
can be found elsewhere) [60]. A fresh stock alkali lignin
solution (20 g·L−1) was prepared at pH 12.5 and then
adjusted to pH 7. 250 mL Erlenmeyer flasks with 50 mL
of lignin degradation reaction solution were cultivated
in a shaking incubator at 180 rpm and set to 37 °C. The
basic composition of lignin degradation reaction solution
(50 mL) was as follows: secretome solution 45 mL, lignin
stock solution 5 mL (100 mg, final concentration 2 g·L−1),
and sodium malonate 0.1 mM. The reaction solution
was also supplemented with H2O2 (0.1 mM) and Mn2+
(0.1 mM) to evaluate their effect on lignin degradation
together with secretome. The secretome or lignin control
contained 45 mL secretome solution with 5 mL Milli-Q
water or 5 mL lignin stock solution with 45 mL Milli-Q
water. Every treatment was a set of three replicates with a
total of 18 flasks.
The reaction was stopped after 120 h, and the reaction
solution was transferred to a 50-mL centrifuge tube. The
lignin amount determination followed NREL Laboratory
Analytical Procedures (LAPs) [61, 62]. The reaction solution was first adjusted pH to 2 by adding the hydrochloric
acid (1 mol·L−1). The acid-insoluble lignin was harvested
by centrifugation at 8014 g (8000 rpm) for 5 min. The
supernatant was carefully transferred to a new 50 mL
centrifuge tube for degradation products analysis. The
acid-insoluble lignin was freeze-dried and weighed. The

Analysis of lignin degradation products

2D HSQC NMR analysis

2D-1H–13C heteronuclear single-quantum coherence
(HSQC) nuclear magnetic resonance (NMR) spectra
were obtained using a Bruker Avance III HD 500 MHz
spectrometer operating at a frequency of 125.12 MHz
for the 13C nucleus. 30–50 mg of the dry lignin samples
were dissolved in 0.6 mL deuterated dimethylsulfoxide (DMSO)-d6 and the spectra were collected at 298 K.
A standard Bruker adiabatic HSQC pulse sequence
(hsqcetgpsisp2.2) was used with the following spetra
acquisition condition: 1.0 s pulse delay, 64 scans, 1024
data points for 1H, 256 increments for 13C, and a 1JC–H
of 145 Hz. The 1H and 13C spectral widths are 13.0 and
220.0 ppm, respectively. The central DMSO solvent peak
(δ13C/δ1H = 39.5/2.49 ppm) was used for chemical shifts
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calibration. HSQC spectra were processed and analyzed
with Mestrenova (version 12.0.2) with a matched cosinebell apodization and 2 × zero filling in both dimensions.
The content of the inter-linkages are expressed as a percentage relative to the total lignin subunits (G + H + S)
[65].
Protein extraction and tryptic digestion

P. putida strains were fed in 100 mL M9 medium in a
250 mL flask with 5 g·L−1 glucose and 1 g·L−1 NH4Cl.
The experiment was conducted with four replicates. The
cells and supernatant were harvested at 120 h of fermentation. The fermentation broth was centrifuged at 8014 g
(8000 rpm) for 5 min using Eppendorf 5804 to separate
the supernatant and cell pellet. The cell pellet was washed
twice with 5 mL of 0.9% sodium chloride solution. The
supernatant was filtered with 0.22-μm PTFE membrane
into new 50-mL centrifuge tubes. Cell pellet and supernatant were stored at − 80 °C fridge for further protein
extraction.
Cell pellets were stored in regular 1.5-mL centrifuge
tubes. Cell pellets were resuspended in a 250 μL lysis
buffer solution (8 M urea, 75 mM NaCl in 100 mM
NH4HCO3, pH 7.8), transferred to a 1.5-mL safelock centrifuge tube. A scoop of zirconia/silica beads
(~ 100 μL) was added to each tube, and the bead beating
experiment was performed by 8 rounds of 30 s using a
Bullet Blender (Homogenizers, Atkinson, NH) [66]. After
bead beating, a needle was used to poke a hole at the bottom of the 1.5-mL tube and put on a 15-mL falcon tube
to collect the supernatant by centrifugation at 2000 rpm,
4 °C for 5 min. The beads were then washed with 100 µL
lysis buffer and centrifuged at 2000 rpm at 4 °C for 5 min.
The lysate was then transferred to a new 2-mL centrifuge tube and pellet the cellular debris at 14,000 rpm
for 10 min at 4 °C. The supernatant was transferred to a
new 2-mL centrifuge tube for further protein digestion
procedures.
Parallelly, 20 mL of supernatant was collected, and the
proteins were first denatured by adding 15 g urea (final
concentration 8 M) and incubating for 1 h at 37 °C. The
supernatant was then concentrated using a 30-kDa filter (EMD Millipore, Billerica, MA) by centrifugation at
4000 rpm, 4 °C for 30 min. The concentrated supernatant
was transferred to a clean 2-mL tube for further protein
digestion procedures.
The protein purification and digestion of intracellular
protein and supernatant samples were conducted with
the FASP Protein Digestion Kit (Expedeon, San Diego,
CA) with trypsin (Promega, Madison, WI) following the
manufacturer’s instruction. The protein concentration
was estimated by the Pierce™ BCA protein assay (Thermo
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Scientific, San Jose, CA) and normalized to 0.1 μg μL−1
before LC–MS/MS analysis. Four biological replicates
were applied during the entire process [34].
Proteomic data acquisition and analysis

LC–MS/MS analysis was performed using an Orbitrap
Fusion Lumos mass spectrometer (Thermo Scientific,
San Jose, CA). Tryptic peptide digests were separated
using a nanoACQUITY UPLC systems (Waters, Milford, MA) by reversed-phase HPLC with 110 min gradient time at a column flow rate of 200 nL/min. The
detailed equipment parameters setup was described in
a recent publication by Wang et al. [67] In terms of proteomic data analysis, raw MS/MS data files were processed with MaxQuant (version 1.6.7.0). After loading
all the raw data and giving appropriate names, labelfree quantification (LFQ) algorithm was used with a
minimum LFQ ratio count of 2 for relative quantification in the Group-specific parameters section. Trypsin
was selected for digestion mode with a maximum of
two missed cleavages. The peptide tandem mass spec
raw data were searched against the Uniport FASTA files
of strain P. putida KT2440 (released at 07, April 2017,
Taxonomy ID: 160488). In the global parameters section, the second peptides and match between runs features were enabled with a 0.7-min match time window
and 20-min alignment time window. The spectral level
false discovery rate (FDR, q value) was < = 1% based on
a decoy search [68]. Other parameters just followed the
default settings. The protein intensities obtained from
Maxquant software were log2 transformed. The Venn
chart was generated by Venn-Diagram-Plotter (version
1.6.7458, https://github.com/PNNL
-Comp-Mass-Spec/Venn-Diagram-Plotter/releases/
tag/v1.6.7458). Pie chart was generated by Origin software (version 9.8.5.204).
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